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ABSTRACT
CONDITIONS AFFECTING BIOMASS PRODUCTIVITY, LIPID PRODUCTION, AND
HARVESTING OF THE MICROALGA MONORAPHIDIUM SP. DEK19 GROWN IN
WASTEWATER
Adam Ralph Hage, M.S.
Department of Biological Sciences
Northern Illinois University, 2016
Gabriel P. Holbrook, Director

The objective of this thesis was to investigate the culture conditions necessary to promote
high cell densities, lipid productivities, and harvesting yields from the locally endemic
microalgae Monoraphidium sp. Dek19 in a wastewater environment. The alga was inoculated in
final effluent acquired from a local wastewater treatment facility in DeKalb, Illinois. The alga
was cultivated in 1L Erlenmeyer flasks at 10 °C, 70 μmol m-2 s-1 light, 14:10 light:dark cycle.
Culture agitation was found to be an important condition for algal growth and nutrient removal.
Increased culture turbulence through aeration correlated with improved phycoremediation and
biomass production. Cultures in stagnant conditions failed to achieve high cell densities or
desirable nutrient removal. The introduction of periodic aeration at 1L/min for 8 hours per day
produced similar biomass productivity and nitrate reduction to the 24 hour per day control.
The presence of supplemented carbon sources could be utilized to promote neutral lipid
content in microalgae but not biomass growth in Monoraphidium sp. Dek19. Glucose, fructose,
analytically pure glycerol, and crude glycerol by-product from biodiesel production were
evaluated for their suitability as a substrate for Monoraphidium sp. Dek19. Algal cells stained
with BODIPY505/515 green fluorescent dye displayed higher lipid content when grown in carbon
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supplemented wastewater. Biomass production of Monoraphidium sp. Dek19 was inhibited in
the presence of these carbon sources as overall cell densities were diminished.
Alkaline flocculation was an effective strategy for isolation of the microalgal biomass
from its liquid growth medium for harvesting. Monoraphidium sp. Dek19 showed rapid
aggregation and subsequent settling when flocculated with KOH after only 20 minutes. This
method of harvesting is more favorable in terms of cost and timeframe to filtration,
centrifugation, and gravity sedimentation.
A modified acid-catalyzed transesterification of the algal lipids produced biodiesel high
in desirable saturated and monounsaturated fatty acid methyl esters (FAMEs) and low in
undesirable polyunsaturated FAMEs. The biodiesel generated from Monoraphidium sp. Dek19
may be suitable for use in a modern diesel engine.
Monoraphidium sp. Dek19 is capable of attaining high biomass and lipid levels when
grown in wastewater media. These lipids can be transesterified to produce biodiesel.
Additionally, Monoraphidium is able to phycoremediate wastewater by removing nitrate and
phosphate from solution to near-zero levels. Monoraphidium is a green microalga acclimated to
low light and low temperatures making it suitable for consideration as a biodiesel feedstock in an
outdoor wastewater treatment facility
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INTRODUCTION
The Green Microalga Monoraphidium sp. Dek19
Monoraphidium sp. Dek19 is a green algae belonging to the genus Monoraphidium in the
family Selenastraceae. This species is locally endemic to the upper Midwest portion of the
United States and has been previously characterized as a low light and low temperature tolerant
algal species (Holbrook et al., 2014). Monoraphidium are elongated, unicellular microalgae with
fusiform ends and share similarities with other non-motile green microalgae like Ankistrodesmus
and Scenedesmus within the order of Sphaeropleales. Reproduction of Monoraphidium sp.
Dek19 is thought to be similar to the asexual reproduction via autospores seen with
Monoraphidium Komárková-Legenerová (Wehr, Sheath, & Kociolek, 2015).

Phycoremediation of Wastewater Using Microalgae
Eutrophication of water bodies has become an important environmental challenge for
industrial and municipal wastewater treatment facilities. The release of treated wastewaters that
are high in content for organic and inorganic chemicals like nitrate and phosphate are one of the
main causes for eutrophication (Rawat, Kumar, Mutanda, & Bux, 2011). The effects of nutrient
enrichment are far reaching as excess nitrate and phosphate have been associated with algal
blooms that can hinder the availability of light and O2 levels for other aquatic life (Struijs,
Beusen, de Zwart, & Huijbregts, 2011).
Wastewater treatment at the DeKalb Sanitary District (DSD) is an extensive process that
begins with the preliminary removal of large materials such as cans and sticks through the use of
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bar grate filters ("Preliminary Mechanical Treatment," 2016). From there, the effluent is
transferred to the primary physical treatment step where suspended solids are removed via a
series of clarifying tanks ("Primary Physical Treatment," 2016). Once this step is complete, the
effluent may be directed to one of two secondary treatment paths. This first process is an older
method that uses trickling filters and bio discs to treat the effluent before the final clarifying
tanks, while the more modern method involves treatment in an activated sludge tank before
transfer to the final clarifiers. In both cases aerobic bacteria are utilized to remove harmful
compounds like benzene and various phenolics by either passing the effluent over the aerobic
bacteria in the bio discs or by keeping the organisms in suspension through fine bubble aeration
in the activated sludge process ("Secondary Biological Treatment," 2016). At the end of the
treatment process, the effluent is disinfected with chlorine and dechlorinated before discharge
into the Kishwaukee River. This entire process takes 10-13 hours if bio discs are used as the
secondary treatment method or 6 hours if activated sludge is chosen ("The Final Stage of
Treatment," 2016).
EPA regulations for wastewater treatment facilities take the form of NPEDS permits that
are individualized for each facility and set specific limits for several contaminants including
nitrate and phosphate ("National Pollutant Discharge Elimination System (NPEDS)," 2016).
Violations of these requirements result in fines from the EPA as high as $22,000-$32,000 for
noncompliant facilities (Sternberg, 2016). Nutrients like nitrate and phosphate are typically
removed by chemical means through precipitation. Alternatively, phosphate accumulating
organisms present in activated sludge may reduce overall phosphate levels by 1-2mg/L
("Phosphorous Removal From Wastewater," 2016). In typical municipal wastewaters with
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phosphate in the range of 5-20mg/L, the current means of removal may not be optimal.
Currently, the DSD’s NPDES permit only requires monitoring of nitrate and phosphate
("NPDES Permit No. IL0023027," 2011). If this permit requires changes due to stricter EPA
guidelines, the DSD may not be ready to meet the new restrictions.
The use of microalgae for biofuel production has garnered attention since the initial
reported findings of the Aquatic Species Program (Bollmeier, Sprague, & No, 1989). In addition
to serving as a feedstock for biodiesel production, microalgae have been successful at wastewater
phycoremediation (Abdelaziz, Leite, Belhaj, & Hallenbeck, 2014). Algae are able to retain
nitrogenous materials as biomass which can be further transformed into other useful products
(Christenson & Sims, 2011). In this approach, microalgae grown in wastewater media prevent
eutrophication by reducing both nitrate and phosphate levels while reducing the costs associated
with biodiesel production (Cabanelas et al., 2013), (Dalrymple et al., 2013).

Monoraphidium sp. Dek19 Suitability for Wastewater Treatment and Biofuel Production
The microalgae classified in the genus Monoraphidium are some of the most diverse
green algae studied and are among the most oleaginous of the Chlorophycean class due to their
favorable growth rates and diverse metabolic pathways (Patidar et al., 2014). Several species
within the genus have been identified as suitable candidates for biodiesel feedstock.
Monoraphidium sp. FXY-10 was shown to have high biomass productivity and an average of 3050% neutral lipid content by dry weight when grown in either autotrophic or heterotrophic
conditions (Yu et al., 2012). Monoraphidium minutum has also shown improved growth rates
and lipid levels when grown heterotrophically on a variety of substrates ranging from analytical
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grade glucose to crude biodiesel glycerol (Patidar et al., 2014). Species within this genus are
known to be tolerant to high stress levels as Monoraphidium neglectum is resistant to high
salinity environments, fluctuations in pH, and is capable of a 21% neutral lipid content by dry
weight under nitrogen starvation (Bogen et al., 2013). The focus of this study, Monoraphidium
sp. Dek19, has shown considerable value for its phycoremediation capabilities of wastewater,
resilience to changes in temperature and light intensity, and 26% lipid content by dry weight
(Holbrook et al., 2014). The abundance of promising Monoraphidium species make this genus
eminently suitable for a number of industrial applications.
Monoraphidium growth in effluent from municipal wastewater treatments facilities has
been previously demonstrated (Holbrook et al., 2014). The wastewater streams from treatment
plants have become an attractive option for growing large volumes of microalgae due to the
relative abundance of the growth media and the dual beneficial outcomes of phycoremediation
and biodiesel production (Cabanelas et al., 2013). In order to utilize Monoraphidium sp. Dek19
to its highest potential in a wastewater environment, certain aspects of proposed cultivation
systems need to be addressed. Conditions that would affect culture success, such as light and
temperature fluctuations, species dominance, and nutrient levels, have previously been described
(Davidson, 2013), (Kirchner, 2016). Despite these advances, additional considerations including
identification of the appropriate level of agitation needed to maintain a Monoraphidium culture
and effective methods for harvesting the microalgae still require characterization before any
proposed system may be implemented.
Extensive studies have been performed addressing important considerations for a
potential microalgae based fuel production system ranging from appropriate species
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identification to proposed reactor designs (Bollmeier et al., 1989). The latter is of particular
importance, as the cultivation of microalgae for the purposes of biofuels requires significant
biomass productivity per unit area while still mitigating costs (Kunjapur & Eldridge, 2010). The
two growth system designs typically used for algae cultivation are the open pond or raceway
designs and the closed bioreactor design. Although a closed reactor design is appealing due to
the high levels of control offered, they are significantly more expensive to maintain and operate
(Kunjapur & Eldridge, 2010). The controlled settings of a photobioreactor are not representative
of the variability in conditions that Monoraphidium sp. Dek19 may encounter should they be
implemented as part of an outdoor wastewater treatment facility. The lack of control offered by
outdoor pond reactors means that any species of microalgae desired for implementation in a
wastewater treatment plant must be flexible enough to resist a wide range of potential changes
that may result in less than ideal growing conditions.
Nutrient levels, temperature and light availability are a few of the environmental growth
factors that microalgae may be subjected to as part of an outdoor wastewater treatment facility.
The disadvantages that seasonal climate and solar insolation have on the feasibility and
production costs of algal cultivation may be mitigated through screening of strains that can be
grown in a particular region (K. C. Park et al., 2015). The presence of nitrate and phosphate in
final effluent from the DSD ranges from 40-70mg/L of nitrate and 4-8mg/L of phosphate and has
been shown to be sufficient to grow Monoraphidium (Davidson, 2013). Monoraphidium sp.
Dek19 are a low light and low temperature tolerant species that are capable of growth in
conditions as low as 30 µmols m-2s-1 light and 5 °C, which is unfavorable for other microalga
(Davidson, 2013). This ability to adapt to variable light and temperature conditions make for a
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compelling argument in favor of integrating the alga into a treatment step as the average effluent
temperature at the DSD from 2005-2015 was below 14 °C for 47.64% of the year (Kephart,
2015), (Kirchner, 2016).
One growth condition that has yet to be characterized for Monoraphidium sp. Dek19 is
the effect of culture turbulence on the promotion of algal biomass. The final effluent in which
Monoraphidium sp. Dek19 are grown in comes from the final clarifier tank. This tank is part of
the DSD’s secondary treatment stage. Here, effluent is allowed to settle in order to remove
excess debris while several rotating paddles skim off the top layer for further processing. The
extent of mixing an algal culture receives may exert a significant effect on the optical cell density
(Qiang & Richmond, 1996). If Monoraphidium are to be considered for incorporation in a
wastewater settling tank, it would be important to assess the effects that different agitation
methods and levels have on Monoraphidium sp. Dek19 biomass productivity.

Mixotrophic and Heterotrophic Growth of Monoraphidium sp. Dek19
In order to improve the viability of microalgae as a replacement to petroleum diesel,
considerable research has been devoted to assessing the effects of growth supplements on
biomass and lipid yields of microalgae when introduced into their culture media. Simple
reducing sugars such as glucose and fructose are two supplements that have shown promising
results for increasing lipids in microalgae (Cheirsilp & Torpee, 2012). A more recent substance
that has gained popularity for its abundance and effectiveness at promoting microalgae growth is
glycerol (Dubey et al., 2015). These substrates have the potential to alter the biomass and lipid
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productivities of Monoraphidium sp. Dek19 when introduced into their wastewater growth
media.
Some microalgae like Chlorella vulgaris have shown higher biomass and lipid levels
when grown mixotrophically on glucose than when grown photoautotrophically (Cheirsilp &
Torpee, 2012). Glucose and fructose are expensive materials ($41 and $117/kg from SigmaAldrich respectively) and may not be suitable for algal cultivation if substantial amounts are
required. However, several studies have shown significant improvements to algal biomass and
lipid productivities when small amounts of either carbohydrate was provided to several species
of algae including Monoraphidium minutum (Patidar et al., 2014). This capability for
mixotrophism suggests that some microalgae are not exclusively limited to photoautotrophic
growth (W. Kong et al., 2013). The higher biomass productivities and lipid levels seen when
some algal species are grown mixotrophically rather than photoautotrophically may offer a more
cost-effective approach to implementing algal biodiesel as a means of alternative fuel production
(Liang, Sarkany, & Cui, 2009).
Energy obtained through the oxidation of sugars via glycolysis is one of the main avenues
utilized by algae and higher plants for the production of ATP. Microalgae oxidize hexose
molecules for the production of ATP and NADH. These compounds are central to the cellular
processes of microalgae and other organisms as the reducing power of NADH is needed for the
mitochondrial electron transport chain and other anabolic reductive processes while ATP
provides the energy needed for synthesis of cellular components such as organelles and lipids. In
order to realize the goal of a commercialized algae biodiesel market, processes resulting in more
efficient cultivation need to be characterized. Since mixotrophism has been described in a
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number of biodiesel feedstock candidates from across the major taxonomic divisions of
microalgae (Chandra, Rohit, Swamy, & Mohan, 2014), it would be valuable to determine the
effects that common reducing sugars have on the growth and lipid production of Monoraphidium
sp. Dek19.
Crude glycerol, a waste product of biodiesel synthesis, has little commercial value due to
its impurities (Nanda et al., 2014). A lengthy and costly purification procedure to improve the
quality of crude glycerol is often avoided by manufactures resulting in destruction of the crude
glycerol waste stocks (Y.-H. Chen & Walker, 2011). Recent studies have shown microalgae are
capable of obtaining high biomass concentrations and lipid levels when their growth medium is
supplemented with crude glycerol derived from the biodiesel reaction (W.-B. Kong et al., 2013).
This usage opens up a new avenue for both algae biodiesel production and crude glycerol
recycling efforts.
Uptake of exogenous glycerol has previously been identified in Dunaliella tertiolecta by
the glycerol uptake protein 1 (DtGUP1) gene (Lin, Fang, Low, Chow, & Lee, 2013). The
DtGUP1 gene encodes for a multi-membrane spanning protein which is a member of the
membrane-bound O-acyltransferase (MBOAT) family of proteins. Several organisms possess
members of the MBOAT family of transporters, including yeasts, mammals, and algae (Lin et
al., 2013). Utilization of glycerol by Monoraphidium sp. Dek19 has not been characterized and
warrants investigation as a possible biomass-stimulating supplemental nutrient. Given the desire
to utilize Monoraphidium sp. Dek19 as a biodiesel feedstock, assessing the feasibility of an algal
cultivation system where a waste product of the transesterification reaction is recycled as a
supplement in the wastewater growth medium could become profitable to industrial operations.
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Algal Harvesting via Flocculation
Harvesting of the microalgae feedstock is an important step in the process of algae
biofuels production, as algal biomass must first be separated from its liquid growth medium for
further processing. This presents a formidable challenge to the algae biofuels industry due to the
large volumes of algal suspension that would need to be treated. The high operational costs of
this harvesting and dewatering phase is primarily due to the dilute nature of liquid algal culture
suspensions (Uduman, Qi, Danquah, Forde, & Hoadley, 2010). Techniques used for microalgal
harvesting include centrifugation, filtration, flocculation, and gravity sedimentation which all
offer very different paths to the same desired effect (C.-Y. Chen, Yeh, Aisyah, Lee, & Chang,
2011). The ultimate decision on a harvesting technique is dependent on the unique
characteristics of the microalgae to be collected (Brennan & Owende, 2010).
Flocculation aims to solve the problem of bulk microalgal harvesting by inducing the
algal cells to aggregate into larger particles (Brennan & Owende, 2010). Microalgae have a
slightly negative charge on their surface which helps to repel individual cells from each other
allowing for a reduction of natural aggregation while in suspension. This charge potential can be
overcome through the use of alkaline flocculants to neutralize the surface charges of the algae,
allowing them to coalesce into a larger particle (Schlesinger et al., 2012). Flocculation with
KOH has been shown to induce up to 98% flocculation efficiency in Chaetoceros calcitrans
(Harith et al., 2009), making it one of the most promising chemical flocculants available. In
order to utilize the biomass from Monoraphidium sp. Dek19 for large-scale production of
biodiesel, it is imperative that the microalgae are isolated for collection from their wastewater
growth medium in a way that mitigates costs yet ensures high collection efficiency.
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The Need for Renewable Energy
The fate of global energy has become a leading topic for policy makers and researchers
around the globe. Petroleum-derived transport fuels are finite in their availability and are known
to be a factor in rising global temperatures and green house gas (GHG) emissions (Singh, Nigam,
& Murphy, 2011). The utilization of fossil fuels is widely recognized as unsustainable which has
brought increased attention to alternative energy research (Afify, Shalaby, & Shanab, 2010).
Biofuels have emerged as one of the most promising energy resource alternatives to fossil fuels
and are considered progressive for the reduction of GHG emissions (Nigam & Singh, 2011). To
this date, several biofuels from different sources, including biodiesel from microalgae (Bollmeier
et al., 1989), have been identified as promising alternatives.

Production of Biodiesel as an Alternative Fuel
Of the many types of alternative fuels explored by DOE programs like The Renewable
Fuel Standard program (RFS), biodiesel from the monoalkyl esters of either vegetable oils or
animal fats has stood out as a unique and attractive option (Demirbas, 2008), (Indhumathi, PS, &
Shoba, 2014). The process of converting the starting materials of oils or fats into monoalkyl
esters is known as transesterification. Transesterification was conducted many years before the
first practical diesel engine was invented by Dr. Rudolph Diesel in 1893 (Demirbas, 2008),
which used fuel produced from the oils of the peanut plant, showing that plant-based fuels can be
traced back to the inception of the diesel engine. Presently, biodiesel is mainly transesterified
from the lipids produced from organisms like soybean, rapeseed, palm, and corn. Further studies
have led to the discovery that other novel sources, such as waste vegetable oil and the lipid
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bodies produced by microscopic algae, are capable of being transesterified into biodiesel. This
diversity of feedstock options has benefited global research by affording scientists the luxury of
experimentation on several different types of materials each with their own unique advantages.
Traditionally, high oil content crops have been the primary feedstock for biodiesel
production as well as biodiesel research. Biodiesel produced from soybeans is the dominant
method of biodiesel production in the United States (Chisti, 2007). The estimated projections for
the final costs of soybean based biodiesel has been set at US $0.54-$0.62/L, while traditional
petroleum diesel is priced pre-tax at US $0.18/L in the Unites States and US $0.20-$0.24/L in
some European nations (Demirbaş, 2003). There have also been concerns regarding the impact
that oil crop based biodiesel may have on global food availability and price, as approximately
14% of U.S. and 4% of the global soybean production was utilized by the U.S. biodiesel industry
in 2007 (Baliga & Powers, 2010). This use of oil crops for fuel has drawn criticism as the
expansion of biodiesel production has coincided with a steep increase in the cost for food grains
and vegetable oils (Baliga & Powers, 2010).
Palm oil is one of the most productive oil crops yielding nearly 5,950 L of feedstock oil
per hectare (Chisti, 2008). The Unites States would need to produce 530 billion L of biodiesel
annually in order to meet current needs (Chisti, 2007). In order for palm oil to satisfy this
estimate, the feedstock crop would need to be grown over an area roughly equating to 111
million hectares of land, nearly 61% of all the available agricultural cropping land in the United
States (Chisti, 2008), making the prospect of utilizing oil crops for biodiesel production difficult
to justify.
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Algae-based biodiesel has been a frontrunner in the search for a sustainable and practical
alternative for crude oil based diesel fuel. Like many oil producing land plants, many species of
algae also produce oil that can be harnessed for energy. Algae biofuels research garnered serious
consideration when the Aquatic Species Program (ASP) was implemented in 1978, which
assessed the ability of algae to produce renewable transport fuel for nearly two decades
(Sheehan, Dunahay, Benemann, & Roessler, 1998). Substantial research on microalgae has
shown that they have the potential to produce more oil per acre than any current biodiesel
feedstock candidate and can be grown on land that is unsuitable for agriculture crops (Demirbas
& Demirbas, 2011).
Many strains of aquatic microalgae are able to produce large amounts of storage lipids
that equate to nearly 50-60% of the dry weight in some species (Jones & Mayfield, 2012). It is
possible for some species of microalgae to be grown in saline or brackish waters that would
otherwise be unusable for use by land-based crops (Bollmeier et al., 1989). Algae are also able
to utilize large volumes of CO2 for growth, making their use a strong means for mitigating levels
of atmospheric CO2, a major greenhouse gas (K. Gao & McKinley, 1994). Additionally,
microalgae are able to maintain high growth rates, yielding several times more oil than other
feedstocks per unit of growing area (Y. Gao, Gregor, Liang, Tang, & Tweed, 2012). Microalgae
cultivation can be centered in areas where large portions of unused land are available. Algal
farms have already been established in the deserts of Southern California (Ben-Amotz, 2008).
Furthermore, some species of microalgae like Monoraphidium sp. Dek19 have shown the ability
to grow in and phycoremediate effluent from wastewater treatment facilities in the temperate
climate of the upper Midwest (Holbrook et al., 2014).
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Research Goals
The goals of this research are to answer the following questions: A) Can Monoraphidium
sp. Dek19 be grown to high densities with a reduced agitation level? B) Could Monoraphidium
sp. Dek19 be capable of mixotrophic or heterotrophic growth using supplemental carbon sources
and what is the effect of these substances on lipid production? C) Can Monoraphidium sp.
Dek19 be efficiently harvested through alkaline flocculation? D) What are the FAME profiles of
Monoraphidium sp. Dek19 lipids that have been transesterified?
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MATERIALS AND METHODS
Identification of Algal Species
Algae were supplied from ongoing cultures grown in 7L buckets aerated at 1L/min with a
temperature and light intensity of 10 °C and 100 µmol m-2s-1 light respectively (Figure 1). These
inoculation stock cultures were kept in a Conviron environmental growth chambers located
within Montgomery Hall at Northern Illinois University (NIU). These cultures were maintained
by former graduate students, Nicholas Kirchner and Anthony Kephart. The cultures contained a
majority of Monoraphidium sp. Dek19 as well as additional microalgae Chlorella sp. and
Ulothrix sp. The identification of Monoraphidium sp. Dek19 was achieved through 18S rRNA
genetic sequencing performed by the director of the NIU Molecular Core Lab, Dr. W. Scott
Grayburn (Holbrook et al., 2014). Monoraphidium sp. Dek19 belongs to the family
Selenastraceae in the order Sphaeropleales and is native to the upper Midwest region of the USA
(Holbrook et al., 2014).

Effluent Collection
Effluent to be used for culture media was obtained from 2014 to 2016 from the DeKalb
Sanitary District’s final settling tanks (41°56’37.8” N, 88°44’26.7” W) (Kirchner, 2016). This
final effluent is treated wastewater that flows out of a treatment plant and is discharged to surface
waters. During collection, an electric sump pump was introduced into the wastewater final
settling tanks. The effluent was pumped directly to either 5-gallon Culligan brand plastic bottles
or a 210-gallon polyethylene holding tank located on the bed of a 1-ton pickup truck.
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Figure 1: Light micrograph of Monoraphidium sp Dek19 using a Nikon Eclipse E-600 light
microscope.
After collection, the final effluent was autoclaved at 121 °C in 5-gallon Culligan brand bottles for
60 minutes in order to remove zooplankton, bacteria, and viruses that may be harmful to exposed
personnel or may interfere with experiments. Effluent collected in 210-gallon polyethylene
tanks was chlorinated with sodium hypochlorite to eliminate pathogens and zooplankton. The
sodium hypochlorite was evaporated off before algae were introduced into the inoculum.
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Figure 2: Aerial View of the DeKalb Sanitary District (DSD) from Google. All wastewater
effluent collection occurred at the DSD. Final effluent settling tank highlighted with the blue
arrow.

Algae Culture Setup
Monoraphidium sp. Dek19 was cultured in wastewater collected from the DeKalb
Sanitary District (DSD). All algal cultures utilized final effluent obtained from the final settling
tank in the sanitation process just before reintroduction into the Kishwaukee River (Figure 2).
Algal cultures were grown in 250mL, 1L, and 2L flasks, 7L buckets, and 50-100 gallon
polyethylene holding tanks (Figure 3) in either the greenhouse or environmental growth
chambers. The light intensity and temperature of each experiment were obtained with Onset
HOBO data loggers and were confirmed using a LI-COR, Inc portable photometer and
thermometer. All environmental growth chamber cultures were grown at either 10 or 22 ± 1 °C.
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Aeration rates varied based on experiments from 40mL to 1L per minute. Culture agitation and
aeration was performed by portable aquarium pumps with air stones or stir plates with stir bars.
Light intensities were maintained at 70 µmol m-2s-1 light for 14:10 light:dark cycles (L:D) in the
environmental growth chamber. In the NIU greenhouse, 7L, 50gal and 100gal cultures were
grown at an average temperature and light intensity of 16.3 °C and 266.6 µmol m-2 s-1 light.
Aeration rates were maintained at 40, 160, or 1L per minute. Culture inoculum was added to
autoclaved final effluent wastewater at a starting absorbance at E680 of 0.2. Inoculum cell
densities were confirmed by both the absorbance at 680nm and the starting cell counts measured
by a hemocytometer.

Absorbance Measured at 680nm
A Pharmacia LKB Ultrospec III UV/Vis spectrophotometer was used to measure the
extinction of light at 680nm (E680) from all algal samples. These readings provided a useful
metric for monitoring algal growth over time due to the absorbance of the photosynthetic
pigment chlorophyll which is the main pigment present in the cells of green algae (Griffiths,
Garcin, van Hille, & Harrison, 2011). Distilled water was placed in a quartz cuvette and read in
the spectrophotometer at E680 as a blank. Distilled water was used in place of final effluent
wastewater as there was a minimal difference in absorbance (~0.001).
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Figure 3: Flask cultures of Monoraphidium sp. Dek19 growing in an environmental growth
chamber. Cultures were aerated with atmosphere at a rate of 1L/min.

Algal cell densities were identified by manual cell counts performed in triplicate using a
Neubauer hemocytometer and an Olympus BH-2 compound light microscope at 100X
magnification. For each of the 3 replicates, 4 counts were performed on 4 different large square
fields from the hemocytometer. Culture cell density was determined using the following
equation: Monoraphidium cells/mL = (Σ of 4 large squares x 2,500 x Dilution Factor).

Light Extinction at 680nm to Cell Density
In order to quickly estimate the density of Monoraphidium cultures, the cell density was
recorded for 3 liquid cultures throughout the growth cycle from starting inoculation to ending
stationary phase using manual cell counts performed with a Neubauer hemocytometer on an
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Olympus BH-2 compound light microscope at 100X magnification. These cell counts were
compared to the corresponding absorbance readings at E680. Monoraphidium cell densities
could then be estimated (cells/mL) based on this correlation. A linear regression analysis was
performed on the correlation and the resulting R2 value was determined to be 0.9736. This value
indicates that approximately 97% of total variance in Monoraphidium cell numbers can be
explained by the E680 value. Some possible factors that may have contributed to the
unexplained ~3% of variance include cellular debris within the sample and/or variation in the
sample chlorophyll levels due to changes in the growth phase of the cultures (Kirchner, 2016).
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Figure 4: Correlation between Monoraphidium sp. Dek19 cells and light extinction at 680nm in
final effluent (N=46). The equation defining the line of best fit is y=1E-07x + 0.0616 with an R2
value of 0.9736.
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Chlorophyll a and b Content of Monoraphidium sp. Dek19
The chlorophyll a and b content of Monoraphidium sp. Dek19 cells was obtained by
collecting and centrifuging 1mL samples of algal cultures for 10 minutes at 13,000 rpm (11,357
RCF) in a Baxter Biofuge A microcentrifuge. The culture supernatant was removed and
replaced by 1mL of analytical grade dimethyl sulfoxide (DMSO). The algal pellet was then
resuspended in the DMSO using a Fisher Vortex Genie 2 for 30 seconds. The sample was then
transferred to a glass test tube to prevent any co-extraction of the polypropylene microcentrifuge
tube by the DMSO. Algal suspensions were stored in a 4 °C refrigerator for 12 hours (Shinano et
al., 1996) and samples were again centrifuged for 10 minutes at 13,000 rpm (11,357 RCF) before
the supernatant was removed for spectrophotometer testing. The supernatant was placed in a
quartz cuvette and read in a Perkin-Elmer Lambda 19 UV-Vis spectrophotometer from 300 to
800nm at 1nm increments using pure DMSO as a blank. Chlorophyll a and b were determined
from the absorbance given from 648nm and 665nm respectively using the following equations:
Chlorophyll a = [(14.85 x Absorbance 665nm) – (5.14 x Absorbance 648nm)] and Chlorophyll b
= [(25.48 x Absorbance 648nm) – (7.36 x Absorbance 665nm)] (Shinano et al., 1996).

Nutrient Uptake
Nitrates
The presence of nitrates in the algal cultures was measured and quantified utilizing the
colorimetric Szechrome NAS nitrate assay (Polysciences, 2007). Tests were performed in
triplicate using 0.1mL of sample supernatant which was obtained from an algal sample
centrifuged at 13,000 rpm (11,357 RCF) for 10 minutes. The supernatant was added to 0.9mL of
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Szechrome reagent in a microcentrifuge tube. In order to ensure that the nitrate samples adhered
to Beer’s law, the 0.1mL of supernatant was diluted with distilled water fivefold to prevent a
spectrophotometer reading of over 1.00. The microcentrifuge tubes were vortexed for 30
seconds and allowed to sit for 15 minutes and this process was repeated for a total color
development time of 30 minutes. The readings were then measured on a spectrophotometer at
570nm in quartz cuvettes using 0.1mL of distilled water and 0.9mL of Szechrome reagent as a
blank. The absorbance was then compared to a standard curve in order to calculate mg of nitrate
per L. The standard curve was made using potassium nitrate at concentrations of 3.125, 6.25,
12.5, and 20.0 mg/L.
Phosphates
Phosphate samples were analyzed using the malachite green colorimetric assay (Van
Veldhoven & Mannaerts, 1987). Samples were run in triplicate using 0.1mL of sample
supernatant which was obtained from an algal sample centrifuged at 13,000 rpm (11,357 RCF)
for 10 minutes. The supernatant was added to 0.9mL of distilled water in a microcentrifuge tube.
0.2mL of reagent A (1.75% w/v ammonium heptamolybdate · 4H2O in 6.3N H2SO4) was
introduced to the samples and tubes were vortexed for 30 seconds and allowed to develop for 15
minutes. After 15 minutes, 0.2mL of reagent C (0.035% w/v malachite green in 0.35% w/v
polyvinyl alcohol) was added to the samples. The samples were vortexed again for 30 seconds
before a 20-minute color development. The samples were then read on a spectrophotometer at
610nm in quartz cuvettes using 1.0mL of distilled water and 0.2mL of both reagent A and C as a
blank. The absorbance was then compared to a standard curve in order to calculate mg of
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phosphate per L. The standard curve was made using potassium phosphate at concentrations of
1.25, 2.50, 5.00, and 10.0 mg/L.
Reducing Sugars: Glucose and Fructose
The presence of reducing sugars in algal solutions was quantified using the DNSA
colorimetric assay (Miller, 1959). The test was run in triplicate using 0.1mL of sample
supernatant which was obtained from an algal sample centrifuged in a 1.7mL microcentrifuge
tube at 13,000 rpm (11,357 RCF) for 10 minutes. The supernatant was added to 0.1mL of
DNSA reagent in a microcentrifuge tube. The sample tubes were placed in boiling water for 15
minutes for color development. The tubes were removed and briefly opened to relieve pressure
before a 15 second centrifugation. 0.15mL was transferred to a separate set of microcentrifuge
tubes that contained 0.75mL of distilled water. The tubes were vortexed for 30 seconds and read
in a spectrophotometer at 575nm in quartz cuvettes using a DNSA blank. The absorbance was
then compared to a standard curve in order to calculate grams of reducing sugars per L. The
standard curves were made using either analytical grade glucose or fructose at concentrations of
0.125, 0.25, 0.50, and 1.0 g/L.

Fluorescence Microscopy
Cell Imaging
In order to investigate the lipid content of Monoraphidium sp. Dek19, a green lipophilic
dye known as BODIPY505/515 was utilized (Cooper, Hardin, Petersen, & Cattolico, 2010). This
dye stains the intracellular oil-containing organelles known as oleosomes within minutes
(Cooper et al., 2010). This process is achieved as dye accumulates in the intracellular lipid
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compartments through a diffusion-trap mechanism (Cooper et al., 2010). The BODIPY505/515 dye
is reliable, as it has been shown to primarily stain neutral lipid droplets allowing for reliable
identification of oleosomes (Govender et al., 2012). This lipid probe can be applied for
visualizing algal lipid bodies by excitation with a blue laser at 488nm. The emission results in a
unique fluorescence in the 505-515nm portion of the green spectrum (Brennan, Fernández,
Mostaert, & Owende, 2012). The green emission spectrum of BODIPY505/515 is spectrally
separate from algal chloroplast autofluorescence and more photostable than Nile red (D. Xu et
al., 2013). Manual cell counts were performed with a hemocytometer and samples were diluted
to 1 x 106 cells/mL to ensure optimal staining of the cells (Govender, Ramanna, Rawat, & Bux,
2012). BODIPY505/515 dye was dissolved in DMSO to a 50µM final concentration and 0.1mL of
BODIPY505/515 stock was added to 1.0mL of algal samples. The sample microcentrifuge tubes
were darkened with aluminum foil to prevent the possibility of bleaching due to light source
exposure. The tubes were vortexed for 30 seconds and a staining period of 5 minutes was
allowed before confocal imaging using a Zeiss LSM 5 Pascal confocal laser scanning
microscope (Excitation = 488nm, Band Pass = 505-530nm, Long Pass = 585nm).
Quantification of Lipids via ImageJ
All confocal images of algal cells taken on the Zeiss LSM 5 Pascal confocal laser
scanning microscope were analyzed using ImageJ 1.49. This free software is available for the
Windows operating system. Individual cells were selected using the magnification tool and the
perimeter of each cell was traced using the polygon selection tool. The analysis parameters of
“integrated density”, “area”, and “mean gray value” were selected in the “set measurements”
section of the Analyze menu. Upon selection of the “measure” option in the Analyze menu, an
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additional window was provided showing the given values for each analysis parameter selected
for the current highlighted cell. A blank for each cell was selected on an area of the image that
did not display any cells or background fluorescence using the “oval” tool. This process was
done five times per image to ensure homogeneity of the blank values. The information obtained
from ImageJ was used to calculate total cell fluorescence (CTCF) of the algal cells. The
calculated total cell fluorescence can be obtained by utilizing the following equation: CTCF =
(Integrated density – (Area of the Cell x Mean Value of the Blank)) (Fitzpatrick, 2004).

Colorimetric Quantification of Algal Lipids
Microalgal fatty acids were quantified using a modified version of the Rapid Colorimetric
Lipid Assay (Kephart, 2015), (Gonçalves, Pires, & Simões, 2013). The test was run with 5
replicates using 1.5mL of algal suspension obtained from cultures in lag, logarithmic and
stationary growth phase. The samples were centrifuged in a 1.7mL microcentrifuge tube at
13,000 rpm (11,357 RCF) for 10 minutes. The supernatant was discarded and the pellet was
resuspended in 20μL of Tris-HCL (1N HCL in 1M Tris, pH = 8.0), 480μL of saponification
reagent (25% Methanol in 1M NaOH), and 50mg of 0.1 mm diameter glass beads from BioSpec
Products. Samples were vortexed for 3 minutes before being transferred to sealed glass tubes
with an additional 500μL of saponification reagent. The samples were then heated in a heat
block at 90o C for 30 minutes and were vortexed every 5 minutes. After cooling to room
temperature, 600μL of sample was transferred to a 1.7mL microcentrifuge tube followed by
900μL of chloroform:methanol (2:1). These tubes were vortexed for 2 minutes and then
centrifuged at 13,000 rpm (11,357 RCF) for 2 minutes. 400μL of the organic phase was
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transferred to another 1.7mL tube containing 200μL of copper reagent (9:1:10 volume ratio of
1M aqueous triethanolamine, 1M acetic acid, and 6.45% (w/v) Cu(NO3)*H2O respectively).
These samples were vortexed for 2 minutes and then centrifuged at 13,000 rpm (11,357 RCF) for
2 minutes. 200μL of the organic phase was transferred to a new 1.7mL tube containing 800μL of
coloring reagent (1% (w/v) sodium diethyldithiocarbamate in 2-butanol). The tubes were
vortexed for 2 minutes and read in a spectrophotometer at 440nm in a quartz cuvette using
200μL of chloroform:methanol (2:1) with 800μL coloring reagent as a blank. The absorbance
was then compared to a standard curve in order to calculate grams of lipids per L. The standard
curve was made using analytical grade palmitic acid at concentrations of 5, 10, 15, 20, 25, 30,
35, 40, 45, and 50mg/L.

Cellular Dry Weight
Total algal cell dry weight from liquid cultures was determined after lyophilization
(Holm-Hansen, 1964). On the final day of experimentation, the final volume in liquid cultures
was recorded. The algae suspensions were placed into 250mL Nalgene bottles and were
centrifuged at 7,092 relative centrifugal force (RCF) at 10 °C for 10 minutes in a Sorvall RC6
Plus centrifuge. The algal pellet was then transferred to a pre-weighed 15mL Nunc brand
conical tube using a pipette. These conical tube samples were centrifuged at 3,050 RCF for 20
minutes at 10 °C in a Thermo IEC Centra GP6R centrifuge. After this final centrifugation step,
any remaining supernatant was removed and the algae pellets were placed in a -20 °C freezer
overnight. The frozen pellets were placed in a 600mL Labconco lyophilization bottle and the
caps of each 15mL conical tube were punctured with a single hole in order to relieve pressure.
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The samples within the bottle were lyophilized for 24 hours using a VirTis sp Scientific Sentry
2.0 benchtop lyophilizer. Once the 24 hour drying cycle was complete, the final weight of the
15mL tubes was obtained and the algal cell dry weight was determined by subtracting the final
tube weight from the initial weight. Values were converted to g/L based on the algal weight in
the final culture volume.

Measurement of Dissolved Oxygen Concentration
The dissolved oxygen levels for liquid algae cultures were measured using a Fisher
Scientific accumet portable multimeter probe. The probe was calibrated at 10 °C. These readings
were performed at intervals throughout the day in order to assess the daily dissolved oxygen
fluctuations occurring in the algal cultures (H. Lee & Lee, 1995).

Flocculation of Algae Using Potassium Hydroxide
Alkaline based flocculation studies were carried out by collecting 50mL of algal samples
in triplicate (Harith et al., 2009). The initial absorbance at E680 was recorded in a
spectrophotometer and the initial pH was determined using an Oakton Multi-Parameter PCSTestr
35 multimeter. The samples were placed inside Fisher brand 125mL separatory funnels and
were treated with 0.5mL 5M KOH for a final concentration of 50mM KOH. Once the KOH was
added, the separatory funnels were mixed vigorously for 5 seconds to ensure homogenization of
the solution and the samples were allowed to sit and flocculate for 20 minutes. Once this
flocculation period ended, the funnels were opened and allowed to drip slowly onto pre-cut
45µm nylon mesh cloth held within a Nalgene brand 250mL filterware cup (Figure 5). After this
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initial collection process, the liquid that passed through the nylon mesh cloth into the filter cup
was analyzed with a spectrophotometer and the multimeter once more to identify the final pH
and E680 (Schlesinger et al., 2012). This liquid was subjected to additional filtration to obtain
any unflocculated algae and was passed through a 0.45µm Pall membrane filter using a Kontes
Ultra-Ware vacuum filtration apparatus. The triplicates of 45µm and 0.45µm filters were
transported to a Precision gravity convection oven and were dried for 45 minutes at 90-110 °C to
drive off any remaining moisture. The final dry weights of the filters were determined with a
Mettler AE 200 microbalance immediately after the 45 minute dry cycle. The initial weights of
the filters were identified before flocculation by drying the fresh filters in the oven for 30
minutes and recording their starting dry weight immediately after. The algal dry weight was
found by subtracting the initial dry weight of the filters from the final dry weight.

Extraction of Algal Lipids
Lipids were extracted from lyophilized algal biomass using an Electrothermal EMV
Electromantle reflux apparatus. 200g of dried algae was placed in a 1L round bottom flask and
extracted with 300mL of n-hexane for 2 days. The lipids suspended in n-hexane were filter
separated with a 0.45µm filter from the biomass and were dried down in an IKA RV 10 rotary
evaporator to remove a majority of the n-hexane. The product was stored under nitrogen gas for
further testing.
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Figure 5: Flocculation of Monoraphidium sp. Dek19 setup showing flocculated algae drying on
45µm nylon mesh filters.

Transesterification of Lipids from Corn, Soybean, and Monoraphidium sp. Dek19
Transesterification experiments were performed on a variety of oils including those
derived from corn, soybean, and Monoraphidium sp. Dek19 at 1, 25, 100, and 200mL volumes.
Transesterification methods differ from those outlined previously (Holbrook et al., 2014) in
terms of catalyst used, reactor design, and biodiesel purification. In order to determine the
proper amount of catalyst needed for the reactions, the titration values for each of the oils were
determined by alkaline titration ("Make Biodiesel," 2016). Titrations were performed in
triplicate using 50mL Erlenmeyer flasks with 20mL of analytical grade isopropyl alcohol and 2-3
drops of phenolphthalein indicator added to each. Oil to be tested was added at a 1mL volume
and the flasks were shaken to homogenize the mixture. The titration solution consisted of 1
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gram of KOH dissolved in 1L of distilled water. A 50mL burette was used to dispense the
titration fluid into the samples. The alkaline fluid was slowly added to the samples while
swirling the flasks constantly. A magenta color could be seen developing and quickly
disappearing as the samples were mixed. The titration was complete when a very light tint of the
magenta color remained constant for 30 seconds despite constant mixing of the flask (Waickman,
2013). The titration value is the average mL amount of alkaline stock used to sustain the light
magenta color for 30 seconds.
Alkaline Transesterification
Analytical grade methanol and KOH were measured out according to the equation:
Methanol mL = (0.2) x (Liters of oil to be transesterified) x (1000) and KOH g = (8.0 + Titration
Value Average) x (Liters of oil to be transesterified) (Waickman, 2013). Oil was placed inside
of either a 4mL glass test tube for volumes of 1mL or an Erlenmeyer flask of the appropriate size
for larger volumes. A double boiler system was utilized to run the transesterification reaction. A
600mL beaker filled with water was heated on a Thermolyne Nuova II combination hotplate stir
plate. The oil sample was placed within this double boiler and the temperature of the oil was
maintained at 60 °C. Methanol and KOH were combined in a separate flask and homogenized to
form potassium methoxide before addition to the oil. The potassium methoxide was slowly
transferred into the oil and a magnetic stir bar was used to keep the mixture circulating for the 2
hour duration of the transesterification reaction. Upon completion of the reaction, the mixture
was transferred to a 1.7mL microcentrifuge tube, a 50mL burette, or a 500mL separatory funnel
and allowed to settle overnight for glycerol separation. Glycerol was removed and the biodiesel
was subjected to washes with distilled water in order to correct the pH to a value of 7
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(Waickman, 2013). This was achieved by adding small amounts of distilled water to the top of
the biodiesel sample and allowing the water to travel to the bottom removing any soap
formations and uncatalyzed methoxide over the course of 15 minutes. The biodiesel wash water
was removed and the pH was tested using pH strips. This process was repeated until a pH of 7
was achieved. The washed biodiesel was dehydrated by aeration using a Fusion 200 aquarium
pump for 24 hours to remove excess water from the sample. The finished biodiesel product was
placed in a sealed glass tube under nitrogen gas and submitted for GC-MS FAME analysis to
Microbial ID, Inc.
Acidic Transesterification
10mg of lyophilized algae was added to 1mL of chloroform:methanol (4:5) in a 1.7mL
microcentrifuge tube and sonicated in a Qsonica Q500 sonicator for 3 minutes. The mixture was
then transferred to a sealed glass tube and combined with 2.5mL of distilled H2O containing
50mM Tris and 1M NaCl with a pH of 7.0. This tube was vortexed for 5 seconds and
centrifuged at 1,200 RCF for 5 minutes. The chloroform phase was collected and saved in
another glass tube and the original was re-extracted with an additional 1mL of chloroform. The
sample was vortexed for 5 seconds and centrifuged again at 1,200 RCF for 5 minutes. Both
chloroform extractions were combined and dried under nitrogen gas leaving only the dried algal
lipids. 3mL of methanol containing 5% (v/v) H2SO4 was added to the dried lipids and the
sample was vortexed for 5 seconds. The sealed glass tube was transesterified for 3 hours in a 70
°

C heat block and was vortexed every 30 minutes. After the 30 minutes, the tube was cooled and

3mL each of distilled H2O and n-hexane were added to the sample. The tube was vortexed for 5
seconds and mixed via inversion for 15 minutes before centrifugation at 1,200 RCF for 5
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minutes. 2mL of the hexane phase was transferred to a new tube containing 2mL of distilled
H2O. This was vortexed for 5 seconds and centrifuged at 1,200 RCF for 5 minutes. The finished
biodiesel product was placed in a sealed glass tube under nitrogen gas and submitted for GC-MS
FAME analysis to Microbial ID, Inc.

Statistical Analysis
Statistical analysis was performed in IBM SPSS Statistics Version 23.0. A one-way
analysis of variance (ANOVA) test of significance (α=0.05) was performed for all experiments
to identify any statistically significant differences between treatments. Post hoc comparisons to
evaluate means were conducted with a Tukey HSD (Honest Significant Difference) test
(α=0.05).
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RESULTS
Effect of Aeration Rate and Duration on Monoraphidium sp. Dek19 Growth
The circulation of algal culture media has been a topic of interest for researchers
interested in improving biomass yields in algae like Spirulina (Thomas & Gibson, 1990). The
effect of turbulence on algal growth has been addressed for several algal species like
Phaeodactylum tricornutum and Spirulina but not for Monoraphidium sp. Dek19. Aeration is
considered important for maintaining culture suspension, which allows for improved exposure to
a light source and to nutrients in solution. Proper aeration can also contribute to algae
productivity via replenishment of CO2 that is used up during photosynthesis by introducing
dissolved CO2 from the atmosphere. Aeration plays an additional role of maintaining culture pH
levels that may be optimal for algal growth and photosynthetic activity. One of the primary
factors for attaining higher algal productivities is culture suspension (Grobbelaar, 2012).
Sustained suspension of culture medium was found to improve nitrate transport in Ditylum
brightwellii when the medium was shaken at a high enough rate (Pasciak & Gavis, 1975). A
higher agitation rate may prove beneficial for phycoremediation of wastewater if it can speed up
the algal rate of nutrient removal. The particular strain of microalgae used can also have
implications on the reactor design as one species may be better suited to growth in a
photobioreactor with high fine bubble aeration levels, while another may prefer an open raceway
design with lower paddlewheel speeds (Kunjapur & Eldridge, 2010). In some species, such as
Nannochloropsis, too much aeration can cause cell shearing and crop loss (Thomas & Gibson,
1990).
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The aim of this study was to determine biomass productivity of Monoraphidium sp.
Dek19 under a range of agitation methods with the hypothesis that Monoraphidium would grow
at an optimal level if their culture medium was sufficiently mixed and supplied with CO2. The
role of aeration rates and duration were assessed using cultures of 2 sizes. 7L buckets grown in
the greenhouse were used initially as they would be more representative of outdoor wastewater
settling tanks where the algae may potentially be grown in large volumes. Conditions in the
greenhouse were not controlled, allowing for natural lighting and temperature monitored with
HOBO data loggers. 1L flasks grown in the growth chamber allowed for more control over
experimental values such as light intensity, light photoperiod, and temperature.
7L Greenhouse Cultures of Monoraphidium Grown Using Various Aeration Rates
The effects of aeration rates and duration over a 24 hour period on several growth
parameters of Monoraphidium were investigated. Attaining the proper aeration levels will assist
with algal productivity due to the improved radial mixing of algae from the darker center of the
vessel to the more illuminated periphery (Sobczuk, Camacho, Grima, & Chisti, 2006). A
possible optimal aeration method and level was first addressed in a 7L bucket culture experiment
in the greenhouse. This simple “photobioreactor” differs from traditional Erlenmeyer flasks, as
it has wider area at the surface (729 cm2). Light capture abilities of algae grown using 7L white
plastic buckets are limited to any incidental light on the surface similar to a raceway designed
system while 1L flasks provide more surface area for light penetration typical of photobioreactor
systems. The air flow rate will also vary in terms of effectiveness for culture agitation and
suspension due to the difference in the volumes of media used for each system. Three different
agitation methods (aeration at a rate of 160mL/min, 40mL/min or agitation with a stir bar) were
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established in 6 cultures grown over the course of 1,200 hours with an average greenhouse
temperature of 16.3 °C ±7.25 °C (Range 1-38 °C) and light intensity of 266.6 µmol m-2 s-1 light at
the culture surface based on the light period during the day (Data not shown). No supplemental
lighting or heating was used to ensure proper simulation of growing conditions similar to the
DSD during the winter. 7L effluent cultures were inoculated with algae growing in log growth
phase at 10 °C. Samples were collected in triplicate from each culture totaling 6 replicates for
each treatment.
The absorption measurements for algal cultures indicate that both aeration rates of 160
and 40mL/min were insufficient for promoting robust agitation in the large 7L cultures. At
approximately 100 hours post inoculation (HPI) algal settling was observed in the aerated
cultures and the E680 from both treatments began to decline indicating a decreasing number of
algal cells in suspension. In contrast, the stir bar cultures maintained a steady rate of growth
throughout the experiment. At 501 HPI, an attempt to resuspend algae from the stagnating
aeration treatments was successfully made by raising the aeration rate for both treatments from
160 and 40mL/min to 1,060mL/min. An immediate improvement in E680 was observed during
the next sampling at 525 HPI where both of the aeration treatments began to outperform the stir
bar cultures in terms of E680. This is most likely due to resuspension of settled Monoraphidium
cells, as cell counts from 850-1,200 HPI revealed a lack of competing algal species (data not
shown). The algal suspensions from aerated treatments maintained higher E680 readings than
the stir bar cultures for the remainder of the experiment indicating that the cells were still viable
despite the apparent settling. The E680 readings were the highest overall in the 160mL/min
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aeration treatment until 932 HPI. The data from 7 highlight the ability of Monoraphidium to
tolerate high variability in agitation.
Before the pump outputs of the 40 and 160mL/min treatments were raised to
1,060mL/min at 501 HPI, the growth of the stir bar cultures was significantly higher when
compared to both aeration treatments (Figure 6). This indicates that the agitation provided by the
mechanical stir bar was more capable of supporting algal growth in large 7L volumes than fine
bubble aeration. However, when the aeration output of the pumps used for the 160 and
40mL/min treatments was maximized to 1,060mL/min at 501 HPI, both aerated cultures
achieved significantly higher E680 values than the stir bar cultures after only 25 hours. The
ability of the aerated treatments to outperform the stir bar cultures became more evident with
time, as both possessed higher overall E680 values by the end of the experiment at 932 HPI (p <
0.001). The higher E680 values of the 160mL/min treatment also showed significantly higher
growth when compared to the 40mL/min treatment (p < 0.001), which may indicate that cultures
started with a higher level of aeration will perform better over time. This result could also be
interpreted to mean that if a culture is not aerated optimally at inoculation, it can still be capable
of continued growth at a higher rate if aeration conditions are changed to a more ideal setting. A
discontinuous aeration condition, where the algae are able to continue to grow without constant
mixing, may be a new method of Monoraphidium cultivation that could also be applied
universally to other algal species. A new question arising from these results is whether or not
Monoraphidium sp. Dek19 can be grown efficiently with a reduced frequency of agitation.
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Figure 6: Effect of aeration method and aeration rate on Monoraphidium sp. Dek19 growth in
final effluent in 7L cultures under greenhouse conditions. Data points represent the mean E680
± S.D. (N=6). The change in aeration output for the 40 and 160mL/min treatments to
1,060mL/min at 501 HPI is indicated by the red arrow. Significance indicated by (*) α=0.05.

1L Growth Chamber Cultures of Monoraphidium Grown Using Various Aeration Rates
In order to better account for differences between aeration treatments, an experiment
comparing the effectiveness of various aeration methods and rates was carried out at fixed light
level and temperature using the environmental growth chambers. The results of the 7L volume
experiment (Figure 6) raised the question of whether aeration rate is the limiting condition when
trying to obtain optimal biomass yield. A 160mL/min aeration rate may not be optimal for a 7L
volume as its relative rate is actually only 1/7th of what is provided to a 1L cultures using the
same 160mL/min pump output. Triplicate algae cultures were grown in 1L Erlenmeyer flasks at
10 °C, 70 µmol m-2 s-1 light, and a 14:10 light:dark cycle (Figure 7). Treatments included
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aeration rates of 160 and 40mL/min, agitation with a 7.5cm stir bar at 600 rpm, and a stagnant
treatment with no source of aeration or agitation. These were selected to test the effects of the
same aeration rates used in the 7L cultures on a 1L volume. Growth chamber conditions were
based on previous research identifying optimal light intensity and temperature ranges of
Monoraphidium sp. Dek19 (Davidson, 2013). A lower light level than that utilized in the
greenhouse discouraged growth of competing algal species like Chlorella vulgaris. Temperature
conditions for the growth chamber are also close to the average effluent temperature of 14 °C
seen at the DSD from 2005-2015 (Kephart, 2015).
Absorbance readings taken from suspended algae showed positive culture growth for the
stir bar and 160mL/min treatments while the 40mL/min cultures failed to produce E680 levels
significantly higher than their starting inoculum levels. The stagnant cultures showed lower
absorbance as expected due to the algal cells settling out of suspension. The stir bar treatment
displayed the highest initial growth rate until 285 HPI when the 160mL/min treatment overtook
and maintained a higher average E680 for the remainder of the experiment.
Results indicated that the increased circulation provided by the stir bar and 160mL/min
treatments was significantly better at promoting algal growth than either of the other treatments
(p < 0.05). The higher E680 levels seen at the end of the experiment for the 160mL/min cultures
may indicate that algae started on an adequate aeration rate can achieve greater cell densities
than algae subjected to lower aeration or stirring methods. The lack of robust Monoraphidium
growth observed in the stagnant control and 40mL/min aeration treatments was expected due to
the important role that culture circulation may play in algal growth.
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The minimum aeration level needed to promote Monoraphidium growth in 1L
Erlenmeyer flasks was estimated to be 160mL/min. This rate is high enough to induce frequent
turnover of the culture media to allow for better access of the algae to light and nutrients. If the
aeration rate is insufficient, as in the case of the stagnant treatment, visible algal cell settling can
be observed over the course of an experiment. The limited amount of Monoraphidium growth
observed in suspension samples of the stagnant flasks may be due to cell settling from the lack of
any culture turbulence.
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Figure 7: Effect of aeration method and rate on Monoraphidium sp. Dek19 growth on final
effluent in 1L Erlenmeyer flasks in an environmental growth chamber. Temperature and light
intensity were maintained at 10 °C and 70 µmol m-2 s-1 light for a 14:10 light:dark cycle. Data
points represent the means ± S.D. (N=3). Significance indicated by (*) α=0.05.
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Dissolved Oxygen
Addressing the effect of aeration method on dissolved O2 levels may provide insight into
the feasibility of implementing the algae into the activated sludge tank of a modern wastewater
treatment facility. These systems require continuous aeration to supply the necessary levels of
dissolved O2. If algae can supplement this step by providing O2 as a result of photosynthesis, a
wastewater treatment facility may be able to reduce the duration of their activated sludge O2
blowers thereby saving costs on electrical demand. These systems have certain biological
oxygen demands (BOD) that need to be met in order to sustain the aerobic digesters responsible
for breaking down many harmful aromatic compounds like benzene and phenols as well as more
common contaminants like pesticides, surfactants, antibiotics, and pharmaceuticals in the
wastewater. These aerobic bacteria are also responsible for oxidizing much of the nitrogenous
matter in wastewater maintained as NH4+ or NO3- (Harrison, Oakes, Hysell, & Hay, 2006). The
BOD is the amount of dissolved O2 required for aerobic organisms to continue breaking down
organic compounds. Typical organisms in activated sludge that algae would need to cohabitate
with include protozoa, rotifers, fungi, and gram-positive bacteria from the genus Nocardia.
BOD values supplied by the DSD are 156mg/L ± 63.46 for influent and 5.26mg/L ± 2.12 for
effluent (Kephart, 2015).
The same aeration treatments used in the 7L bucket experiment were investigated for
their effect on dissolved O2. Six treatments in total were investigated including: algae aerated by
a 160mL/min air pump, a stir bar, and algae grown in stagnant conditions (Figure 8). A control
of only final effluent wastewater and no algae was included for each treatment. The results show
that starting at 92 HPI, the stagnant algal cultures began to display significantly higher dissolved
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O2 levels than any of the other 5 treatments. Oscillations in readings over the course of the
experiment represent the diurnal changes in dissolved O2 due to the photosynthetic activity of the
algal cells as readings taken during the light cycle showed higher dissolved O2 levels while
readings from the dark cycle showed lower levels. Both the 160mL/min and the stir bar
treatments maintained dissolved O2 levels that were slightly higher than the baseline controls of
wastewater subjected to the same treatment without the presence of algae. The limited change in
dissolved O2 seen in the mixed treatments may be the result of equilibration between the algal
culture and the atmosphere in the environmental chamber.
Additional O2 evolved as a result of photosynthesis by the algae was only able to
accumulate as dissolved O2 in the non-aerated stagnant cultures while the aerated and stir bar
treatments released their additional O2 out of solution and into the atmosphere. If
Monoraphidium were to be implemented into an activated sludge tank with intermittent aeration,
any dissolved O2 produced may be quickly taken up by the aerobic bacteria before it escapes to
the atmosphere. The average BOD of effluent from the DSD is 5.26 mg/L of dissolved O2
needed for the aerobic bacteria to oxidize all of the organics in one liter of wastewater. This
value is within the range of dissolved O2 produced by Monoraphidium at either the 160mL/min
aeration rate or the 600 rpm stir bar treatments suggesting that the introduction of
Monoraphidium into the activated sludge process could supplement the average required
dissolved O2 needs with less reliance on aggressive fine bubble aeration. Previous experiments
have shown Monoraphidium are also capable of growth in a variety of wastewater types
including primary effluent, splitter effluent and activated sludge (Kirchner, 2016), (Kephart,
2015). The ability of Monoraphidium to still be implemented in various stages of the wastewater
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treatment process shows the feasibility of utilizing the microalgae to compliment additional
treatment step processes.
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Figure 8: Effect of aeration method on dissolved O2 of Monoraphidium sp. Dek19 grown on final
effluent in 1L Erlenmeyer flasks. An example of readings taken from the light and dark cycles is
indicated by the red and blue arrows respectively. Environmental growth chamber conditions
(10 °C, 70 µmol m-2 s-1 light, and 14:10 light:dark cycle). Data points represent the means ± S.D.
(N=3).

Effect of Aeration Time on Monoraphidium Growth
Identification of the minimum effective aeration level for high Monoraphidium biomass
productivity would provide an understanding of what aeration capabilities a wastewater
treatment facility would need in order to scale this process to the desired level. The ability of
Monoraphidium to thrive in an environment where the duration of culture agitation is decreased

42
to near stagnant levels was investigated. Monoraphidium sp. Dek19 does not possess cilia or
flagella. They are non-motile microalgae and must inherently be adapted to survive in their
environment without a means of swimming. Their tolerance for low light and temperatures
(Davidson, 2013) would suggest that Monoraphidium sp. Dek19 may be capable of high growth
biomass productivity without the need for significant culture agitation. The ability of
Monoraphidium to maintain cell division in 7L cultures with minimal agitation would suggest
that algal growth in stagnant conditions may be possible. 1L algal cultures in triplicate were
grown in the environment chambers. Treatments included a control that was aerated at 1L/min
24 hours per day (HPD) as well as a stagnant control which received no aeration or agitation.
The 3 remaining treatments received a reduced aeration schedule compared to the control
consisting of 8, 4, and 2 HPD spread in out evenly over a 24 hour cycle (Table 1). The cycling
of the aeration times were controlled using several Woods Indoor Timers that were set to activate
for 1 hour segments over the course of 24 hours. Samples were taken during one of the hour
long aeration periods when algal cells were in suspension. Sampling for the stagnant cultures
was carried out by resuspending algae in triplicate flasks at the respective time points.
Cultures aerated for 24 and 8 HPD obtained the highest cell densities at approximately 15
million Monoraphidium cells per mL (Figure 9A). The remaining treatments were arranged in a
decreasing fashion where the next highest cell density matched with the next highest aeration
frequency. The lowest growth totals were observed in the stagnant treatment flasks where
minimal growth above the starting inoculum levels was seen even after 300 hours.
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Table 1: Aeration schedule for Monoraphidium sp. Dek19 growth on final effluent in 1L
Erlenmeyer flasks. Environmental growth chamber conditions (10 °C, 70 µmol m-2 s-1 light, and
14:10 light:dark cycle). Each filled in square represents one hour of aeration time in a 24 hour
day.
Aeration Time
0 2 4 8 24

Time of Day

0
1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23

Algae from stagnant flasks were brought back into suspension before samples were taken in
order to measure actual cell numbers accurately. Both the 24 and 8 HPD treatments showed
statistically higher cell densities than any other treatment (p < 0.01). A significant difference
was not detected between the 24 and 8 HPD treatments. This lack of significance suggests that
the high algal cell densities observed in cultures subjected to constant circulation can also be
obtained with only 1/3rd of the actual aeration input.
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Algal culture cell dry weight was obtained to further determine the effects of aeration
duration on culture growth (Figure 9B). The data from this analysis confirms the results
obtained from manual cell counting. Freeze dried algal pellets from stagnant flasks had the
lowest weights per L of any treatment. The weights of the algal pellets increased in relation to
the amount of mixing time they received from their air pumps. The 24 and 8 HPD treatments
showed significantly greater dry weights than the remaining 3 treatments (p < 0.01) but were not
statistically different from each other. This high algal growth seen with a third of the normal air
pump operating time shows that Monoraphidium sp. Dek19 could potentially be cultured to
desired densities with far less electrical usage to run an aeration system. If this process were to
be scaled up to a wastewater treatment plant, Monoraphidium could be grown to high densities in
effluent using considerably less electricity consumption than the activated sludge system.
The settling rate of Monoraphidium sp. Dek19 by gravity sedimentation was determined
in order to assess if the length of the delay between aeration cycles allowed for a significant
amount of cell settling (Figure 11C). Monoraphidium cultures in stationary phase with an
absorbance value of 1.0 unit at E680 were allowed to settle without any agitation. The culture
density, measured by E680, was taken by sampling at the same depth of 5cm below the surface
of the liquid suspension hourly. Settling rate was determined using the following equation:
Settling Rate % = [(1 – A/B) x 100] where A is the E680 of the sample taken hourly after the
starting time and B is the E680 of the sample at the start of the experiment.
Gravity sedimentation results indicate that Monoraphidium cultures are capable of a high
settling rate but only after a considerable amount of time. Settling rates of 8, 40 and 70% were
observed after a 3, 6, and 12 hour settling period respectively. These settling periods correlate
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with the delays between aeration pump activation in the 2, 4, and 8 HPD treatments. The high
levels of Monoraphidium settling observed during the aeration delays of the 2 and 4 HPD
treatments may explain why these cultures performed poorly when compared to the 24 HPD
control. If 40-70% of the algal cells in suspension are settling out during the break between
aeration cycles, the turbulence generated during the one-hour-long time frame of pump
activation may not be enough to fully resuspend the algal cells.
This information is valuable to know in order to effectively space out aeration points in a
large scale facility. The settling pattern in larger photobioreactors may be different than what
was observed in the 1L flasks, however the rate of sedimentation for Monoraphidium would
remain constant regardless of the vessel dimensions. The 3 hour delay between cycles in the 8
HPD treatments showed a settling rate of 8%. This treatment also performed the closest to the
24 HPD control in terms of biomass productivity (Figure 9A). If a Monoraphidium culture were
to be placed on a reduced aeration schedule, an 8 HPD treatment may be optimal as it allows for
sustained growth using 1/3rd the pump operation time.
The pH levels of the cultures were recorded daily for observable changes due to aeration
treatment (Figure 10A). This test assessed whether the algae could continue to grow in a culture
where the pH may fluctuate due to changes in aeration schedule, algal photosynthesis levels, and
algal usage of CO2. The results depicted show that as the amount of aeration increases, the pH of
the culture decreases. This may be due to equilibrium in the gas exchange between the aerated
cultures and their immediate atmosphere.
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Figure 9: (A) Effect of aeration pump duration on Monoraphidium sp. Dek19 growth in 1L
Erlenmeyer flasks on final effluent in the environmental growth chamber (10 °C, 70 µmol m-2 s-1
light, and 14:10 light:dark cycle). (B) Cell dry weight obtained from algal cultures subjected to
different aeration pump operating times. (C) Settling rate of Monoraphidium by gravity settling.
Data represent the means of samples taken 16 DPI ± S.D. (N=3). Significance indicated by (*)
α=0.05.
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As more growth chamber atmosphere is pumped into the culture, more CO2 is introduced into the
media. The CO2 will dissolve into the wastewater becoming carbonic acid which will lower the
pH of the liquid culture. The solubility of CO2 at 10 °C is 0.2318g of CO2 per 100mL of H2O
with a majority of species existing as HCO3- between a pH range of 8-10 and CO3-2 at a pH of 11
(Dean, 1999) (CO2 + H2O H2CO3 HCO3- + H+). A significant difference in culture pH
was observed between the treatments with more aeration (24 and 8 HPD) and the cultures with
less (4, 2, and stagnant) (p < 0.001). These results indicate that a lower pH level may be suitable
for Monoraphidium sp. Dek19 cultivation as the alga exhibited higher levels of growth at a pH
range of 8-9.
Nitrate removal from wastewater by algae was assessed for the varying aeration
treatments in order to determine if Monoraphidium in a reduced agitation environment could still
remove nitrate efficiently (Figure 10B). Significant nitrate depletion was achieved by
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Monoraphidium under several aeration schedules. Cultures aerated for 24, 8 and 4 HPD quickly
depleted all nitrate in solution at a similar rate. It appears that an aeration treatment of 1/6th the
duration of the control treatment may be sufficient for complete nitrate removal at approximately
250 HPI. Both the stagnant and 2 HPD aeration treatments maintained higher nitrate levels for
longer than the control. This result suggests that a stagnant and near stagnant culture is
undesirable for phycoremediation due to the slower removal rate when compared to the control.
In the case of the 2 HPD treatments, nitrate levels did eventually reach a value of zero at the
conclusion of the experiment on day 16. Stagnant cultures failed to completely remove nitrate
from solution after 16 days and were only able to reduce total nitrate to 60mg/L which was less
than half of the initial concentration and is significantly higher than all other treatments at that
sampling period (p < 0.001). Despite this slow removal rate, this figure suggests that stagnant
cultures were capable of continued nitrate removal beyond the 16 day time frame of this study.
For all other treatments, complete nitrate removal occurred at approximately 10 DPI. This
depletion coincides with the middle of the culture’s logarithmic growth. Monoraphidium
cultures continued to grow despite the absence of nitrate in solution. This suggests that the alga
could be taking up nitrate and storing it for future use. Many algal species centralize nitrate and
nitrite reductase in a structure known as the pyrenoid (Lopez-Ruiz, Verbelen, Roldan, & Diez,
1985). Monoraphidium may be removing nitrate from wastewater at a high rate for storage in
the pyrenoid for later use during logarithmic growth.
Chlorophyll a analysis was performed on the final day of the experiment in order to
assess the effect of aeration frequency on the abundance of the photosynthetic pigment (Figure
11A). The amount of chlorophyll a decreased when the duration of the agitation drops to near
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stagnant levels. This can be seen with the 2 HPD treatments which has approximately 1/3rd less
chlorophyll a per mL than the higher duration treatments (p < 0.001). This becomes further
evident with the stagnant treatment which displayed only 1/5th the amount of chlorophyll a
versus the 24 HPD control (p < 0.001). The reduction in chlorophyll a on a per mL basis seen in
the lower aeration regimes is most likely due to a lower number of Monoraphidium cells. The
amount of chlorophyll a per mL of sample depicted in Figure 11A shows similar levels were
achieved between the 24, 8 and 4 HPD treatments.
A more conclusive explanation for the changes in chlorophyll a may be found by
examining the amount of chlorophyll present in a 1mL sample in relation to the number of
Monoraphidium cells observed through cell counting (Figure 11B). The results indicate that as
the duration of the air pump increased, the amount of chlorophyll a per million cells decreased.
All treatments possessed higher chlorophyll a levels than both the 24 and 8 HPD cultures (p <
0.001). There was no significant difference between the stagnant and 2 HPD treatment implying
that there may be a point before culture stagnation where any further reduction in agitation will
not correlate to higher chlorophyll a levels.
One possible explanation as to why there was significantly more chlorophyll a present in
Monoraphidium cells that were infrequently aerated is that it is a cellular response triggered by
changes in environment lighting. The algal cells may be able to recognize a low light
environment due to the reduced amount of photons making contact with their photosynthetic
antenna and may adjust the concentration of those pigments to better capture what little light is
available (Perrine, Negi, & Sayre, 2012).
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Culture turbulence can have a profound effect on the growth of microalgae. This
experiment has described how an appropriate level and frequency of aeration should be taken
into consideration when attempting to grow microalgae in wastewater to high densities. A
sufficient amount of culture mixing can affect algal yields, nitrate removal, and dissolved O2
levels. When Monoraphidium are grown in stagnant conditions, their ability to grow to high cell
densities and remove nitrate from solution is limited. Periodic aeration cycling of as low as 8
HPD results in high biomass concentrations, quick nitrate removal, and flexibility when
determining the daily operation time of an aeration system in a wastewater treatment facility.

Monoraphidium sp. Dek19 Growth and Lipid Production with Supplemental Carbon Sources
Monoraphidium Growth with the Addition of Supplemental Glucose and Fructose
In order to improve the viability of microalgae as a feedstock for biodiesel, considerable
research has been devoted to assessing the effects of growth supplements on biomass and lipid
yields on microalgae in a mixotrophic setting. Simple reducing sugars such as glucose and
fructose are two common supplements that have shown promising results with other algal
species (Liang et al., 2009), (Patidar et al., 2014). A more recent substance that has gained
popularity for its abundance and effectiveness at promoting microalgae growth is glycerol. If
Monoraphidium are capable of reaching high biomass concentrations and lipid levels
mixotrophically with small amounts of carbohydrates, it may add additional value to its already
desirable phycoremediation capabilities.
The possibility of improved algal culture densities and lipid production using
supplemental carbon sources was tested. Similar studies on Monoraphidium minutum showed
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increased biomass productivity and lipid yields (Patidar et al., 2014). Some algae like Chlorella
vulgaris have displayed improved growth rates when culture media was fortified with additional
carbohydrate sources (Liang et al., 2009). Addressing whether or not Monoraphidium sp. Dek19
is capable of improved photoautotrophic, mixotrophic, or heterotrophic growth can be beneficial
for biodiesel production if the alga is able to metabolize these materials for significantly
improved lipid yields. Algal cultures were grown in effluent under conditions outlined in
materials and methods. Supplemental carbohydrates were supplied at the concentrations of
either 5 or 10g/L. These particular sugars and concentrations would determine if
Monoraphidium sp. Dek19 is an algal species capable of metabolizing organic carbon sources in
solution. These parameters also mimic what was tested on Monoraphidium minutum.
Manual cell count results showed a reduction in Monoraphidium growth when grown
with either glucose or fructose at both concentrations of 5 and 10g/L (Figure 12A). These
cultures reached stationary phase faster than the control treatment and peaked at approximately
5-10 million cells per mL while control flasks reached 20 million cells per mL. This decline in
cell numbers indicates that Monoraphidium sp. Dek19 may not be capable of mixotrophic
growth when supplemental glucose and fructose are provided. This differs from Chlorella
vulgaris which displayed higher biomass content than a control at a range of glucose
concentrations (W. Kong et al., 2013). The higher cell numbers of the control seen at 381 HPI
was significant when compared against the 4 positive treatments (p < 0.001).
The pH levels recorded for all treatments showed no change throughout the experiment
from the starting range of 8-9 indicating that the aeration rate maintained a stable pH for all
cultures (Figure 12B). Differences in cell densities were not due to pH variations and the
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changes seen in cell numbers may be attributed to other variables like the concentration of
supplemental carbohydrates.
The phycoremediation capabilities of Monoraphidium sp. Dek19 grown in wastewater
supplemented with sugars has not been characterized. Nitrate assays on samples were performed
in order to assess this effect with the prediction that removal would occur at a slower rate due to
the lower biomass productivities of the glucose and fructose treatments (Figure 13A). All
treatments showed complete nitrate depletion in wastewater at roughly the same time frame of
200-250 HPI. At 142 HPI both the glucose and fructose treatments showed lower nitrate levels
than the control (p < 0.01). Glucose cultures at both concentrations showed an earlier nitrate
depletion to near zero levels, while fructose cultures had approximately 1/3rd less nitrate in
solution than the control. No difference was found between either concentration of the same
carbohydrate but glucose cultures possessed significantly lower nitrate than fructose cultures (p <
0.001). This discovery is interesting as it shows that Monoraphidium can be induced to take up
nitrate from solution faster in the presence of sugars. One of the benefits of growing
Monoraphidium in wastewater is its ability to remove nitrate without any additional input on
behalf of the treatment facility. If the algae can remove this material at a quicker rate, there
could potentially be a faster turnover in a continuous culture thereby improving nitrate
remediation and effluent output of a treatment plant. Nitrate is important to plants as it belongs
to the family of metabolizing anions. In higher plants, nitrate uptake can involve the entire plant
due to their ability to transport nitrate between cells (Ullrich, 1983). In unicellular algae, nitrate
uptake and reduction is tightly coupled because of limited storage capacity (Ullrich, 1983).
Monoraphidium may be taking up nitrate in solution in order to make proteins and divide. This
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may explain why nitrate depletion in algal cultures coincides with Monoraphidium logarithmic
growth phase.
To determine if the supplemental carbon sources were being removed from the solution,
the DNSA assay (3, 5-Dinitrosalicylic Acid) for the presence of reducing sugars was performed
on sample supernatants over the course of the experiment (Figure 13B). As expected, there were
no detectable levels of reducing sugars in the control treatments. However, algal cultures that
received glucose or fructose in either concentration displayed values at the end of the incubation
that were the same as their starting levels at inoculation. This indicates a lack of uptake of the
carbohydrates in solution by Monoraphidium and that the algae may not be significantly
metabolizing supplied glucose and fructose.
Lipid analysis of Monoraphidium sp. Dek19 was performed by measuring the CTCF
value of cells stained with BODIPY505/515 green fluorescent dye (Figure 14). The neutral lipid
bodies within the cells are stained green and autofluorescence of chlorophyll is indicated by the
red fluorescence. The samples were observed using a laser scanning confocal microscope with a
blue laser set at an excitation wavelength of 488nm. As the BODIPY505/515 dye interacts with
intracellular lipids, it will fluoresce relative to the amount of lipids present (Figure 15).
This fluorescence can be observed in the emission range of 505-515nm. The images
were analyzed using ImageJ for each cell to determine if there was a significant difference
between treatments. All 4 carbohydrate treatments had significantly higher calculated total cell
fluorescence (CTCF) values than the control (p < 0.001).
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Figure 12: (A) Monoraphidium sp. Dek19 cells/mL grown in conditions as described in Figure 4
with supplemental glucose or fructose. (B) Culture pH of algae grown on different
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Significance indicated by (*) α=0.05.
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Figure 14: BODIPY505/515 microscopy images of Monoraphidium sp. Dek19 grown in final
effluent with various concentrations of supplemental glucose and fructose. Images were
obtained with a laser scanning confocal microscope. Images depicted show fluorescent algal
cells from (in order from left to right) control, glucose 5g/L, glucose 10g/L, fructose 5g/L and
fructose 10g/L treatments. (Excitation = 488nm, Emission = 505-515nm, Band Pass = 505530nm, Long Pass = 585nm).
This can also be observed in Figure 14 as carbohydrate treatments show more green fluorescence
as the concentration increased compared to the control. There was little difference between
carbohydrate treatments except for the 10g/L cultures (p < 0.05). The significantly higher lipid
levels found in the carbohydrate treatments parallel with results seen in other studies (Patidar et
al., 2014).
The combination of limited cell division and high neutral lipid production in response to
higher solute concentrations in solution may be a Monoraphidium osmotic stress response.
Similar effects have been seen with Chlamydomonas reinhardtii during its nitrogen starved
stationary phase.
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48 hours after nitrogen depletion, Chlamydomonas reinhardtii displayed a 15 fold increase in
lipid bodies from 0.81 µm2 to 12.6 µm2 where 90% were triacylglycerols (TAGS) (Z. T. Wang,
Ullrich, Joo, Waffenschmidt, & Goodenough, 2009). Stress-induced lipid production pathways
may exist in other species as well as Monoraphidium. Despite the higher lipid levels seen with
glucose and fructose, it may not be practical to add these expensive materials if algal biomass is
diminished. If this mechanism can be utilized to induce more lipids while maintaining high cell
densities, the addition of solutes to algal cultures may be a viable method of improving lipid
yields for biodiesel production.
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Growth on Supplemental Pure and Crude Glycerol
The use of glycerol as a substrate for algal growth has been explored previously with
different algal strains showing high biomass concentration relative to a control indicating
mixotrophic growth (Choi & Yu, 2015). Results similar to the 40-45% total lipid productivities
seen with Monoraphidium minutum (Patidar et al., 2014) were expected with Monoraphidium sp.
Dek19 when grown on a 0.5-1.0g/L glycerol supplemented media. The effects of pure and crude
glycerol on Monoraphidium sp. Dek19 were examined at 3 different concentrations (0.1, 0.5 and
1.0g/L) and 2 different temperatures (10 and 22 °C). Pure glycerol in this study is defined as
glycerol of analytical grade purity purchased from Sigma-Aldrich while crude glycerol is the
impure by-product produced from an alkaline transesterification reaction between commercial
soybean oil and potassium methoxide. Both sources of glycerol were used to assess the effects
that impurities within the substrate had on algal growth.
Monoraphidium biomass and lipid production on pure and crude glycerol was examined
at 10 °C using 0.1g/L. Treatments included pure and crude glycerol both at 0.1g/L concentrations
grown photoautotrophically with access to a light source and heterotrophically where the 1L
flasks were blacked out using aluminum foil. This experimental design allowed for testing to
determine whether Monoraphidium sp. Dek19 was capable of heterotrophic growth when forced
to survive in cultures that possess supplemental carbon sources but no access to light.
Manual cell count data showed strong growth for all treatments receiving a 14:10
light:dark cycle but no growth for any cultures obscured with aluminum foil (Figure 16A).
There was no observable difference in growth between the dark treatment flasks as they all
maintained a nearly horizontal growth curve. Although the glycerol treatments receiving light
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grew to similar cell densities as the control, they concluded their growth with approximately 2
million fewer Monoraphidium cells per mL (p < 0.05). This strongly suggests that
Monoraphidium sp. Dek19 is a species that is capable of neither heterotrophic nor mixotrophic
growth using supplemental pure and crude glycerol.
Algae grown on differing concentrations of crude and pure glycerol at 22 °C showed
similar initial growth compared to the autotrophic control and noticeable separation between
treatments began at approximately 150 HPI based on manual cell counts of samples (Figure
16B). Two distinct trends were noted in the growth curves after 150 HPI. Cultures either
displayed sustained cell division or a decline indicating culture collapse depending on the
concentration of glycerol present. No significance was detected between the control and the
crude glycerol treatments at 0.1g/L or 0.5g/L and the pure glycerol treatment at 0.1g/L. This
suggests that these 3 concentrations may not produce higher or lower cell densities than the
control. A striking decline in cell numbers was detected in 0.5g/L pure treatment and in both
10g/L treatments when compared to the control (p < 0.001). These treatments experienced a
drastic loss in cell numbers by the end of the experiment. Small differences in algal responses
observed between pure and crude glycerol treatments may be due to beneficial contaminants
present in the crude glycerol source that are absent in refined glycerol.
Cell dry weight collected from lyophilized cultures further confirmed the notion that
glycerol treatments grown in the dark were inferior to cultures grown with light as they obtained
significantly lower cell densities (p < 0.001). All dark treatments concluded the experiment with
1/6th the amount of cell dry weight that was seen with the light treated cultures. No difference
was detected within the light treated or dark treated cultures (data not shown).
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The effects of impure glycerol on Monoraphidium growth is important to test since direct
addition of the substance after biodiesel production may circumvent any purification steps.
Variations in the method of biodiesel production can also alter the composition of the glycerol
by-product which may require additional testing for suitability with Monoraphidium. Despite
this wide variation, all crude glycerol possesses unreacted solvents (CH3OH or C2H6O), soaps,
free fatty acids (FFA), ash, and mono, di, or triglycerides (Xiao, Xiao, & Varma, 2013). For the
purpose of Monoraphidium biomass productivity, high concentrations of pure and crude glycerol
may not be optimal. Subsequent experiments addressed production of lipid bodies in response to
varying glycerol concentrations to determine the possible presence of a stress-induced lipid
response similar to what may have occurred in the reducing sugar experiment.
Chlorophyll a and b levels for light and dark grown cultures were examined for potential
differences per million Monoraphidium cells (Figure 17A). All treatments displayed a similar
chlorophyll a and b starting ratio of 9:1 at 2 DPI. Algae grown under dark conditions
experienced no increase in chlorophyll a and a small increase in chlorophyll b by the final day of
testing. Pigment levels per million cells showed a decrease in chlorophyll a for light exposed
treatments from approximately 0.7 µg/106 cells to 0.3 µg/106 at 14 DPI. This reduction in
chlorophyll a may be due to the ability of the algae to more easily access light and nutrients in
the culture suspension via the increased culture turbulence caused by the 1L/min aeration level
utilized. If the algae are more frequently mixed, light radiation can be more evenly distributed
amongst the cells (Kunjapur & Eldridge, 2010). This balance of light exposure may result in less
investment in photosynthetic pigments by the algae over time.
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Figure 16: (A) Effect of glycerol on Monoraphidium sp. Dek19 growth under light and dark
conditions in 1L growth chamber cultures (10 °C, 70 µmol m-2 s-1 light, and 14:10 light:dark
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points represent the means ± S.D. (N=3).
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The chlorophyll a to b ratios of the two light variables differed significantly on the final
day of the experiment with the light treated algae generally having a 7:1 ratio while dark
treatments maintained a 5:1 ratio (p < 0.001). The amount of chlorophyll a present in the dark
treatments did not change from the starting levels of 0.9 µg/106 cells, but the amount of
chlorophyll b increased and altered the ratio to 5:1 by the final day of testing. The size of the
light harvesting antenna on microalgae offers an advantage by allowing a cell to capture more
incidental light while shading other competing species (Perrine et al., 2012). The chlorophyll a
to b ratio can offer insight on the size of light harvesting antenna as it is inversely correlated to
the PSII RC (Photosystem II Reaction Center) saturation rate (Perrine et al., 2012). If the ratio is
smaller, there are more light harvesting antennae. This could explain the lower ratio observed in
the dark treatments. The Monoraphidium may perceive the absence of light as a large number of
competing species shading them resulting in an increasing in the size of their antenna in order to
resume photosynthesis. A similar response named the light-shade response has been described in
Chlorella vulgaris where the cellular chlorophyll content could be altered up to ten times
between cells grown under high and low light (Falkowski, 1980). These light-shade responses
can be characterized by a change in the ratio or content of photopigments (Falkowski, 1980).
Chlorophyll a and b levels for Monoraphidium cultures supplemented with crude or pure
glycerol at 0.1, 0.5 and 1.0g/L concentrations were examined for potential differences per
million algal cells (Figure 17B). All treatments displayed a similar chlorophyll a and b starting
ratio of 7:1 at 2 DPI. A significant change in chlorophyll a and b due to the presence of
supplemental glycerol was observed at 14 DPI. A trend was observed where an increasing
amount of either glycerol in solution resulted in lower chlorophyll a and b levels. A significant
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difference in chlorophyll a was detected between the control and both 1.0g/L treatments (p <
0.01). A similar inhibition of chlorophyll biosynthesis was seen when Chlorella vulgaris were
grown on high concentrations of glucose (W. Kong et al., 2013). This response may be the result
of the algae experiencing osmotic stress due to the amount of extra solutes in their environment
(S. Yao et al., 2016).
Confocal microscopy was used to determine lipid levels between light and dark cultures
treated with glycerol using BODIPY505/515 as outlined in materials and methods (Figure 18A).
Algae which were grown in light with supplemental pure and crude glycerol exhibited
significantly higher green fluorescence levels than the control treatment (p < 0.05) (Figure 19).
All light treated cultures contained significantly higher CTCF values than their respective dark
treated counterparts (p < 0.001). There was no significant difference between either pure or
crude glycerol for light treated cultures and no difference was observed between the dark
treatments.
Monoraphidium cultures treated with varying concentrations of pure and crude glycerol
were analyzed for their lipid levels using BODIPY505/515 (Figure 20). It was hypothesized that
Monoraphidium would increase their intracellular lipid storages due to the presence of a
supplemental carbon source since triacylglycerols synthesis begins with glycerol ("Fatty Acid
Synthesis," 2016).
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Statistical interpretation revealed that all glycerol treatments produced significantly
higher green fluorescent levels than the control cultures (p < 0.01) (Figure 18B). However, there
was no significance detected between any of the glycerol treatments. The presence of either type
of glycerol resulted in an increase in CTCF of approximately 1/3rd when compared to the control.
These results indicate that the addition of glycerol to the wastewater growth media improved the
neutral lipid levels of Monoraphidium sp. Dek19 and that the type of glycerol used may not
affect lipid production.
Nitrate removal for all light grown algae treatments reached near zero levels by the final
day of the experiment and was clearly different from dark treatments (p < 0.001) (Figure 21).
Nitrate assay results revealed that nitrate removal was not being achieved by Monoraphidium in
dark conditions. Nitrate levels remained at starting values even after 333 HPI for cultures that
were blacked out with aluminum foil. The effect of diurnal light and dark cycles on nitrate
removal by microalgae using Chlorella kessleri showed improved nitrate removal for algae
receiving constant illumination compared to algae on a 12:12 light:dark cycle (K. Lee & Lee,
2001). Without a light source, Monoraphidium may not be able to perform its desired
phycoremediation abilities which would explain the lack of nitrate removal after 14 DPI.
Glycerol treatments displayed slightly faster nitrate depletion when compared to the
control. The rate of removal between treatments that had access to a light source was compared
to identify whether or not the presence of glycerol in solution improved nitrate removal.
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Figure 18: Calculated Total Cell Fluorescence (CTCF) of Monoraphidium sp. Dek19. Data was
produced from algal cultures depicted in Figure 11A and B. (A) In the light and dark. (Control
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Figure 19: BODIPY505/515 microscopy images of Monoraphidium sp. Dek19. Data was produced
from algal cultures depicted in Figure 11A and B. Images were obtained with a laser scanning
confocal microscope. Images depicted show fluorescent algal cells from control light (A),
control dark (B), crude 0.1g/L light (C), crude 0.1g/L dark (D), pure 0.1g/L light (E), pure 0.1g/L
dark (F) treatments. (Excitation = 488nm, Emission = 505-515nm, Band Pass = 505-530nm,
Long Pass = 585nm).
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Figure 20: BODIPY505/515 microscopy images of Monoraphidium sp. Dek19. Data was produced
from algal cultures depicted in Figure 11A and B. Images were obtained with a laser scanning
confocal microscope. Images depicted show fluorescent algal cells from control (A), crude 0.1,
0.5, and 1.0g/L (B-D respectively), pure 0.1, 0.5, and 1.0g/L (E-G respectively) treatments.
(Excitation = 488nm, Emission = 505-515nm, Band Pass = 505-530nm, Long Pass = 585nm).
Continued on following page.
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A similar observation was noted with the microalga Auxenochlorella protothecoides UMN280
when grown with supplemental CO2 (Zhou et al., 2012). When that species was supplied with a
1-5% CO2 supplement, total nitrogen was lowered from 55mg/L to 13mg/L 3 days earlier than
the control. Additionally, the concentration of ammonia was brought to near zero levels 4 days
sooner when CO2 was present (Zhou et al., 2012). Monoraphidium may have a similar capability
to remove nutrients from solution at a quicker pace when a supplement is provided.
Remaining nitrate levels in solution were compared between the 3 light grown treatments
at 140 HPI. Both treatments containing supplemental glycerol possessed less than 5mg/L of
nitrate compared to the control which contained approximately 10mg/L (p < 0.05). The
improved removal of nitrate by the glycerol treatments is significant for the overall application of
microalgae as a remediation step in wastewater. Elevated nitrate levels can develop in water
sources due to eutrophication. This pollutant requires active monitoring in order to ensure that
levels are within EPA guidelines ("National Pollutant Discharge Elimination System (NPEDS),"
2016). The observed correlation between the presence of glycerol in solution and improved
nitrate removal has implications for algal phycoremediation and glycerol recycling efforts. If
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waste glycerol from the transesterification step in biodiesel production can be fed back into an
algal tank to promote faster nitrate removal, glycerol waste products can be removed from
stockpiles and utilized for improved algal phycoremediation and biofuels production. Residual
methanol may need to be distilled from the crude glycerol to ensure for safer handling.
The removal of nitrate from the wastewater media appears to correlate with algal growth
curves. A majority of the nitrate was removed by 150 HPI which coincides with the onset of the
logarithmic growth phase in the growth curve of Figure 16. Complete nitrate depletion was
achieved by the algae at approximately 200 HPI in the middle of logarithmic growth. Stationary
phase commenced shortly after this time suggesting that in the absence of a limiting nutrient,
high algal growth rates cannot proceed. This finding may be beneficial in a wastewater
treatment setting where a constant influx of fresh effluent creates a continuous culture
environment for the algae. If stationary phase is brought on by the depletion of nutrients,
Monoraphidium may be capable of higher biomass productivities in a continuous effluent
environment.
The dual requirements of maximizing biomass and lipid production are difficult to
achieve as an increase in lipid content under stressful conditions may affect algal biomass
productivity (Al-lwayzy, Yusaf, & Al-Juboori, 2014). The lack of improved cell division, nitrate
removal, and intracellular neutral lipid levels for dark grown Monoraphidium sp. Dek19 show its
unsuitability for heterotrophic growth. Furthermore, if the algae maintained a 5:1 chlorophyll a
to b ratio in order to maximize the size of the light harvesting antenna, it may serve as an
indication that the algae are not optimized to perform heterotrophic growth and may need access
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to a light source in contrast to what was seen with Chlorella protothecoides (O’Grady &
Morgan, 2011).
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Figure 21: Nitrate removal of Monoraphidium sp. Dek19 under light and dark conditions in 1L
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Quantification of Lipid Levels and Nutrient Removal in Representative Cultures of
Monoraphidium sp. Dek19

In order to better gauge the CTCF levels and nutrient removal abilities of
Monoraphidium sp. Dek19, a triplicate of representative cultures were grown and quantitatively
analyzed for their lipid levels and nutrient removal capabilities across the lag, logarithmic, and
stationary phases of the cultures life cycle. The rate of nitrate depletion differs from phosphate
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depletion as nitrate in solution is removed to near zero levels just before 200 HPI (Figure 22A).
This rapid uptake of nitrate coincides with the end of the logarithmic growth phase of the algal
cultures. Coincidentally, when nitrate has been completely removed from the effluent, the
Monoraphidium enter stationary phase where growth is either halted or reduced to a very slow
rate. The phosphate depletion curve is more sudden and does not correlate with any one of the 3
growth phases. Half of the phosphate in solution was removed after only 24 HPI (Figure 22B).
Phosphate was further reduced to 1mg/L after 48 HPI where it leveled off for the remainder of
the experiment. A study on the phosphate uptake kinetics in Scenedesmus quadricauda has
shown that phosphate starved cells were able to attain a higher uptake rate than phosphate
saturated cells resulting in quicker depletion of phosphate from the substrate and higher internal
phosphorous concentration (B. Yao et al., 2011). This rapid uptake of nutrients displays the
usefulness of Monoraphidium as a phycoremediator of wastewater and suggests that the potential
growth of the algae may be limited by the availability of nutrients in solution. Implementation of
Monoraphidium in a continuous culture design may be possible if the alga can continuously
remove nitrate and phosphate as new effluent is gradually introduced to them.
Changes in the internal lipid levels of Monoraphidium at the 3 growth phases were
measured using confocal microscopy and colorimetric analysis. The BODIPY505/515 method was
utilized to determine the amount of lipid fluorescence (Figure 23A) while the amount of lipids
present per cell was found colorimetrically (Kephart, 2015), (Gonçalves et al., 2013), (Wawrik &
Harriman, 2010) for the 3 phases (Figure 23B). As expected, the CTCF values for the lag and
stationary phase samples were similar and significantly higher than the log phase algae (p < 0.01)
(Figure 23A). Algae form both stages would be starved of both nitrate and phosphate. The lag

74
phase cultures may still possess internal lipids from when they were grown in a 2L Erlenmeyer
stationary phase stock meant for inoculation of new cultures. The stationary cultures would have
begun to load on lipids due to the absence of nutrients (Sheehan et al., 1998). This finding was
further confirmed through colorimetric lipid analysis. Monoraphidium samples were subjected
to a modified colorimetric assay (Kephart, 2015) to determine if the amount of lipids present per
cell correlated with the CTCF data. Figure 23B indicates that the amount of lipids per
Monoraphidium cell was lowest for logarithmic phase while the higher lag and stationary phases
were statistically similar (p < 0.01). This result mimics what was seen with the BODIPY505/515
CTCF analysis and allows for the determination of absolute estimates of lipids for
Monoraphidium sp. Dek19 on a per cell basis.

Flocculation of Algae Using Potassium Hydroxide
Large scale harvesting of microalgae biomass for biodiesel production and other
industrial uses requires the development of a proper collection technique (Harith et al., 2009).
The need to separate Monoraphidium from their wastewater growth media could serve as a bottle
neck for effluent treatment and biodiesel production. Flocculation has been shown to be a
promising method for microalgae harvesting due to its high efficiency. During flocculation, the
overall negative charge on the surface of microalgae becomes neutralized after the addition of
the flocculant. This change in surface potential induces the cells to aggregate to form larger
particles that fall out of suspension (Vandamme, 2013).
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Figure 22: Depletion of nitrate (A) and phosphate (B) for a representative Monoraphidium sp.
Dek19 culture grown in final effluent in 1L Erlenmeyer flasks at lag, logarithmic, and stationary
phases (43, 169, and 234 HPI respectively). Growth chamber conditions (10 °C, 70 µmol m-2 s-1
light, and 14:10 light:dark cycle). Data points represent the means ± S.D. (N=3).
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Figure 23: Lipid levels of a representative Monoraphidium sp. Dek19 culture at lag, logarithmic,
and stationary phase. Data was produced from algal cultures depicted in Figure 17A and B.
Calculated Total Cell Fluorescence (CTCF) (A) bars represent the means ± 95% C.I. (N=30).
Colorimetric lipid analysis (B) bars represent the means ± S.D. (N=5). α=0.05.
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Previous flocculation studies have produced encouraging results with flocculants like FeCl3
(Wyatt et al., 2012), polymers like Chitosan and Magnafloc LT-25 (Brennan & Owende, 2010),
and gravity settling (Yu et al., 2012). Flocculation with KOH was investigated as a potential
method to harvest Monoraphidium.
Previous research identified a 50mM flocculation concentration of KOH as ideal for
Monoraphidium due to the need to reach an alkaline pH of at least 10 in order to induce
flocculation (Reinke, 2014). To test this, a control triplicate receiving no chemical flocculent
and a 50mM KOH triplicate of 50mL of algal suspension were allowed to settle over the course
of 20 minutes in separatory funnels.
The cell dry weights captured by both the 45 and 0.45µm filters from the control
triplicate were used to construct a correlation between the E680 of a culture and its cell dry
weight (Figure 24). This would allow for quick estimations of the amount of dry algal biomass
present in a culture at any absorbance without the need to weigh a filtered suspension. A linear
regression analysis was performed on the correlation and the resulting R2 value was determined
to be 0.9942. This value indicates that approximately 99% of total variance in Dek19 cell dry
weight can be explained by the E680 value. Some possible factors that may have contributed to
the unexplained ~1% of variance include cellular debris within the sample. This correlation was
deemed suitable for quick estimations of Monoraphidium cell dry weight in a culture.
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Figure 24: Correlations between Monoraphidium cell dry weight and absorbance at 680nm after
a 20-minute gravity settling period with no KOH. (N=21).

Results indicate that without the addition of a chemical flocculent, Monoraphidium sp.
Dek19 cells were small enough to pass through the 45µm nylon mesh filter at all culture
densities tested but were too large to pass through the 0.45µm membranes (Figure 25A). This
suggests that gravity sedimentation would not be a practical or economical means of algae
harvesting as 0.45µm filters are far more costly than 45µm nylon mesh and it may not be
possible to filter a large tank of algae through a 0.45µm filter. When algal samples were
subjected to a 20-minute flocculation with 50mM KOH, Monoraphidium began to clump
together and settle within the funnel after 5 minutes (Figure 26). When this suspension was
passed through the filtration system, a majority of the cells were captured by the 45µm mesh
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while only a small fraction of cells managed to move on to the 0.45µm phase (Figure 25B).
These results display the effectiveness that a small amount of KOH has on algal flocculation.
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Figure 25: Effect of Monoraphidium cell concentration at E680 on algal cell dry weight captured
using 45µm nylon mesh and 0.45µm membrane filters after 20 minutes by either natural settling
(A) (N=21) or addition of 50mM KOH to flocculate cells (B). (N=36).
The flocculation efficiency of 50mM KOH on Monoraphidium was determined after each
flocculation run across a wide range of culture densities (Figure 27A). The importance of this
analysis was to identify if there was a reduction in the effect of KOH to flocculate an algal
suspension as the number of cells increased. The flocculation efficiency of a sample was
determined using the equation: Flocculation Efficiency (%) = [(1 – A/B) x 100] where A is the
ending absorbance of the suspension at E680 and B is the starting absorbance of the suspension
at E680 (Liu et al., 2013).
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Figure 26: Light Micrograph of Monoraphidium sp Dek19 showing control (left) and 50mM
KOH (right) treatments after 20 minutes. Free floating Monoraphidium were observed in the
control while 50mM KOH flocculation caused cells to clump together forming large aggregates.

The 50mM KOH flocculation showed flocculation efficiencies of approximately 70% for
low culture densities and 90-95% for densities higher than 0.5 at E680. A possible explanation
for this finding is that at higher culture densities, algae may create a cascade of flocculation that
traps more cells as the floc makes its way to the bottom of the vessel. The average flocculation
efficiency across all samples was 88.64%. This indicates that a 50mM flocculation of KOH is
sufficient for capturing a large percentage of Monoraphidium cells from solution may be utilized
at an industrial scale.
The change in pH was recorded for 50mL samples of algae suspension before and after
addition of 50mM KOH (Figure 27B). Initial pH stayed consistent at 8 for all cultures due to the
uniform aeration rate of 1L/min. The addition of 50mM KOH resulted in an increase in the
sample pH from a value of 8 to a more alkaline value of 13. This change was seen with every
sample that was tested. This result is significant because it shows that even at the highest culture
densities, the addition of 50mM KOH is still enough to reach the minimum flocculation inducing
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pH of 10. This also shows that a 50mM concentration of KOH is resistant to any buffering effect
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Figure 27: 50mM KOH flocculation efficiency on Monoraphidium across several algal culture
densities (A). Change in pH before and after addition of 50mM KOH to Monoraphidium (B).
(N=36).

The ability to effectively harvest Monoraphidium sp. Dek19 through KOH flocculation is
significant due to the simplicity of the method and the cost effectiveness of the materials.
Mechanical means of separation like centrifugation are the most effective ways of harvesting
microalgae, but they are also one of the most costly (Ferriols & Aguilar, 2012). Gravity
sedimentation is a viable strategy for harvesting microalgae as seen with Monoraphidium sp.
FXY-10 (Yu et al., 2012). However, this method requires a significant time investment as there
was only an 80% flocculation efficiency for Monoraphidium sp. FXY-10 and 88% for
Monoraphidium sp. Dek19 after 24 hours of settling (Figure 9C). This method may not prove to
be practical if implemented in a wastewater treatment facility. If millions of gallons of
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wastewater are to be treated with algae, a lengthy settling step could negatively impact
productivity.
Alkaline flocculation can be cost-effective for microalgae cultures that are of a high
enough density. (Schlesinger et al., 2012) identified there was a 10 fold decrease in the amount
of alkali flocculant needed to harvest algae once the cellular density was high enough. The
effectiveness of KOH as a flocculant for large volumes was demonstrated on 50-100 gallon
cultures of Monoraphidium sp. Dek19 in the greenhouse (Kephart, 2015). Recycling of the
flocculated wastewater to generate new algal cultures may be possible, or it may be neutralized
and released from a wastewater treatment facility. Harvesting algae by flocculation with KOH
provides the desired results, involves simpler methods, and can be performed with convenient
chemicals.

Transesterification of Lipids from Corn, Soybean, and Monoraphidium sp. Dek19
Suitability of the fatty acid methyl esters (FAMEs) produced as a result of the biodiesel
reaction must be determined before usage of the biofuel can be considered. Typically,
commercial production of biodiesel usually involves alkaline or acid-catalyzed transesterification
(Halim, Gladman, Danquah, & Webley, 2011). Lipids for transesterification were extracted
from dry algal biomass using n-hexane in a reflux apparatus as outlined in materials and
methods. Algal lipids were transesterified utilizing a modified acid-catalyzed method
(Gonçalves et al., 2013), (Kephart, 2015). A soybean and corn oil reference was transesterified
using an alkaline-catalyzed method (Waickman, 2013). Thin layer chromatography (TLC) for
the finished algal biodiesel showed the presence of FAMEs in the acid-catalyzed sample similar
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to a soy biodiesel reference (data not shown). Gas chromatography-mass spectrometry (GC-MS)
was used to quantify the fatty acid compositions of the biodiesel samples (Table 2).
The GC-MS analysis of the biodiesel FAMEs from Monoraphidium sp. Dek19 samples
produced the following compositions: 20.59% saturated fatty acids as palmitic C16:0 and stearic
C18:0; 51.67% monounsaturated fatty acids as palmitoleic C16:1 and oleic C18:1c; 9.34%
linoleic; and 0.57% linolenic acids. Compared to the oils from soy, corn, and Monoraphidium
grown at 10 °C, the oil from Monoraphidium grown at 22 °C yielded significantly less linoleic
acid (C18:2) and more oleic acid (C18:1c). Based on the composition of the biodiesel generated
from Monoraphidium sp. Dek19 oil in (Holbrook et al., 2014), when oil from algae grown in 10
°

C conditions was used, the biodiesel most closely resembles the soybean and corn samples. Oil

from algae grown in 22 °C conditions produced approximately twice as much oleic acids and
1/5th as much linoleic acids when compared to the soy, corn, and alkaline-catalyzed algae oil.
This difference between fatty acid compositions may be due to the variations in the growth
conditions of the algae. The production of FAMEs from microalgae containing high levels of
saturated and monounsaturated fatty acids are desirable due to the higher quality biodiesel that
can be manufactured than with polyunsaturated fatty acids. Monoraphidium oil may be suitable
for biodiesel production due to its high levels of palmitic (C16:0) and oleic (C18:1c) acid and
low amounts of linolenic (C18:3) acid.
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Table 2: Quantification by gas chromatography of algal biodiesel fatty acid composition
extracted from Monoraphidium sp. Dek19 grown photoautotrophically in final effluent cultures.
Relative mass of fatty acid composition (% w/w). Monoraphidiuma (acid-catalyzed, 22 °C),
Monoraphidiumb (alkaline-catalyzed, 10 °C data from (Holbrook et al., 2014)). ND (not
detected).
Feedstock

C14:0 C16:0 C16:1 C18:0 C18:1c C18:1t C18:2 C18:3 C20:0 C22:0
a

ND

17.18

2.82

2.53

48.85

ND

9.34

0.57

ND

0.88

b

ND
ND
ND

16.4
10.75
11.95

ND
ND
ND

2.2
4.05
1.57

26.2
29.7
29.57

1.6
ND
ND

48.5
54.64
56.15

5.3
ND
ND

ND
0.32
0.4

ND
0.31
ND

Monoraphidium
Monoraphidium
Soybean
Corn
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DISCUSSION
Summary
Monoraphidium sp. Dek19 is a locally-isolated, endemic species of microalgae belonging
to the family Selenastraceae. This microalga has been shown to grow to high culture densities in
low light and low temperatures (Davidson, 2013). This species is native to the upper Midwest
region of the United States and is capable of robust growth in wastewater effluent from the
DeKalb Sanitary District (DSD) (Holbrook et al., 2014). The phycoremediation properties of the
microalga offer a possible additional means of pollutant remediation of wastewater, which may
assist a modern treatment facility by lowering total operating costs. Additionally, the potential
production of biodiesel from the intracellular lipids found in Monoraphidium can be an
additional benefit, as a reduced dependence on fossil fuels has become an important topic due to
the unsustainable depletion of petroleum resources (Chisti, 2007). The combination of
phycoremediation and biodiesel production has made Monoraphidium an attractive candidate for
continued studies. In order to better characterize this system, several aspects ranging from
supplemental algal growth, feedstock harvesting, and transesterification were addressed in this
thesis.

Effect of Aeration Rate and Duration on Monoraphidium sp. Dek19 Growth
When algal nutritional requirements are met, and environmental conditions are not
growth limiting, culture agitation becomes the most important requirement for high algal
biomass productivities (Suh & Lee, 2003). Proper mixing works to maintain algal cells in
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suspension, assist with nutrient distribution, and distribute light to cells through a reduction in
mutual shading (Kumar et al., 2011), (Ugwu et al., 2008). The effects of a range of aeration and
agitation rates were assessed using Monoraphidium cultured in both 7L buckets and 1L flasks.
When grown in 7L buckets, Monoraphidium subjected to a 1,060mL/min aeration rate obtained
robust culture densities, by providing a level of mixing that was appropriate for sustained and
equal circulation of the culture volume. In the case of Phaeodactylum tricornutum, a doubling of
biomass yield was seen (from 500 to 1,000mg/L) when mechanical stirring was increased from
150 to 350 rpm (Sobczuk et al., 2006).
Various studies indicate that the improved light routine produced as a result of a higher
mixing rate to be the main cause of improved algal biomass (Sobczuk et al., 2006). The ability
to bring algae into suspension frequently would allow for a more even opportunity to capture
photons with the photosynthetic antenna by circulating cells into light liquid volumes
intercepting higher light levels (Thomas & Gibson, 1990). The benefits of an enhanced reactor
mixing rate on algal growth have been observed for various species over several decades
(Pasciak & Gavis, 1975). A doubling of the flow rate utilized to circulate algal cultures has been
associated with a nearly 50% increase in Spirulina yields (Thomas & Gibson, 1990) and an
improvement in the rate of paddle wheel strokes per min has produced a 25-40% higher growth
rate for Phaeodactylum (Savidge, 1981). An increase in the aeration rate may improve
circulation and mass transfer of nutrients between algal cells and culture medium (Ugwu et al.,
2008).
The culture density results observed in the aeration rate experiment, where the duration of
agitation was reduced, seemed to further validate the conclusions reached by previous studies.
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As the frequency of the hourly 1L/min aeration treatments was decreased to no aeration, a
significant loss in Monoraphidium cells/mL and total cell dry weight was observed. The reduced
circulation of the cultures also resulted in limitations to nutrient removal as nitrate concentrations
were depleted more slowly in the treatments with the lowest aeration times. The increased
culture turbulence may also be responsible for higher levels of nutrient exchange between
microalgae and their wastewater growth media as suggested by (Grobbelaar, 1994). This
development highlights the importance of identifying the ideal aeration level and frequency for
Monoraphidium as it contributes to the success of the culture’s growth, and also the ability of the
alga to perform its desired phycoremediation efficiently.
The correlation between aeration time and chlorophyll a levels per million cells offers
some insight into how Monoraphidium responds to varying light levels as a result of infrequent
suspension. As the frequency of aeration increased over a 24 hour period, the amount of
chlorophyll a present per cell decreased. This reduction in the presence of photosynthetic
antenna can be explained by the favorable light conditions achieved when algal cultures are more
frequently suspended by an aeration system. The algae would be better able to access a light
source and nutrients present in the wastewater media through more frequent cycling between the
inner dark core and outer light exposed areas of the bioreactor allowing for a decreased
investment in photosynthetic pigments. This process has been characterized extensively in many
photosynthetic organisms, including microalgae like Nannochloropsis, which responds to the
lighting conditions of its environment by adjusting the composition of its photosynthetic
apparatus (Sforza et al., 2012). One commonly observed aspect of this acclimation is the
alteration of chlorophyll content in the algal cells. As the amount of irradiance increases,
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chlorophyll content decreases thereby reducing the light harvesting ability of the cell (Sforza et
al., 2012). In Monoraphidium, if a decrease in aeration results in more chlorophyll accumulation
per cell, it is most likely due to the cell trying to capture more light since it is not in suspension
as often.
Proper identification of the ideal target aeration rate for a photobioreactor design may be
unique to the specific algal species utilized. A NREL study suggested a 5-30 rpm rate for a
typical paddlewheel design, as this range would be optimal for several diverse algal species
(Ben-Amotz, 2008). Determination of an optimal rate becomes less clear if the paddlewheel
mixing method is not utilized. The aeration rate of any system is restricted by the shear
sensitivity of a particular species, as there is an upper limit to the acceptable levels of turbulence
that can be employed due to the different responses algae have to the hydrodynamic stress (L.
Xu, Weathers, Xiong, & Liu, 2009). The reactor design suggested by this article was a 1/L per
min flow rate in an airlift reactor which resulted in 33-50% higher growth rates in Undaria
pinnatifida. Cell shearing due to agitation stress can become an issue as inappropriate mixing
may contribute to hydrodynamic stress resulting in potential crop loss (Camacho, Gomez,
Sobczuk, & Grima, 2000). It is believed that high mixing forces in photobioreactors may be too
severe for sensitive species of microalgae, resulting in cell death and crop loss (Michels, van der
Goot, Norsker, & Wijffels, 2010). Some algal species are able to benefit from a higher tolerance
of hydrodynamic stress. Monoraphidium has shown resilience to very high constant agitation
and aeration rates (600-1,000 rpm with rotating stir bars and 1L/min fine bubble aeration
respectively). The amount of turbulence that would be experienced by Monoraphidium in an
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effluent clarifier would be far less than these extremes, thereby easing concerns of growth
inhibition.
The ability of Monoraphidium sp. Dek19 to grow to high densities with as little as 4
hours of aeration per day highlights the flexibility of this species and raises some new questions.
A potential future experiment may investigate whether the spacing of the agitation period affects
algae growth. It would be interesting to see if Monoraphidium would benefit more from 8 hours
of agitation spread out over a 24 hour day, or 8 hours straight during their light cycle. It may be
optimal to spread out the aeration time points over the course of 24 hours. If the algae are
allowed to settle for an extended period of time of 16 straight hours, it may become more
difficult to re-suspend the algae even with 8 hours of continuous aeration. By aerating the algae
periodically, you would ensure that the culture can be kept in suspension while avoiding the risk
of having the algae stick to the bottom of a flask during an extended period of time. This is of
particular importance to Monoraphidium, as cultures begin to show noticeable settling after only
a few hours. This gravity sedimentation becomes more apparent at higher cell densities. If the
algae were to settle in an effluent clarifier tank, they may sink far enough that they would be cut
off from any light source.
These findings have important implications for a proposed reactor design within a
wastewater treatment system. One of the most critical factors for microalgae cultivation is the
source and intensity of light as it may seriously affect the performance of the crop. Although
artificial light sources are simple to manage, they are expensive when compared to the free cost
of solar energy. Sunlight is also beneficial as it contains the full spectrum of light energy which
is why a majority of large-scale algal cultivation systems are performed utilizing an outdoor
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pond design (C.-Y. Chen et al., 2011). This aspect of the bioreactor design is easily addressed by
Monoraphidium, as it is intended to be grown in an outdoor wastewater treatment facility.
Monoraphidium can capture direct sunlight at intensities as low as 30 μmol m-2 s-1 light and still
maintain growth (Holbrook et al., 2014).
Agitation of feedstock cultures is an important consideration for optimizing algal growth.
The preferred method of mixing used by most successful outdoor microalgae operations is
through a paddle wheel design. In circular ponds, rotating components similar to the rake arms
of a wastewater clarifier tank are implemented to achieve sufficient culture turbulence (BenAmotz, 2008). This design has shown success in high rate algal ponds where agitation is
provided through a paddle wheel moving at an average horizontal velocity of 0.15-0.3m/s (J.
Park, Craggs, & Shilton, 2011). The implementation of an algal treatment step during the
wastewater treatment process has received serious consideration and implementation in the form
of a pilot treatment process at the San Luis Obispo’s Water Reclamation Facility (Landers,
2012). This solar powered process utilizes 9 raceway style algal ponds capable of receiving
primary or secondary treatment step effluent which reduce the nutrient load while accumulating
algal biomass for biodiesel (Landers, 2012). In a wastewater facility, the effluent clarifier tanks
may already be suitable for use as an algal open pond reactor reducing costs by foregoing
additional construction and land usage. Alternatively, the activated sludge step may offer a
different method of agitation for a microalgae feedstock. These systems employ fine bubble
aeration in order to supply the needed dissolved O2 for the aerobic digesters while also providing
the culture turbulence needed to bring them into contact with the suspended organic matter
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(Mcgee & Pearson, 1999). If these blower systems are required to be on, they may be used to
maintain both algae and aerobic bacteria in constant suspension within the wastewater.
The availability of water and nutrients has also created concerns for commercial
microalgae production. Many algal farms are located in warm climates like California, Israel,
and Hawaii, which allow for yearlong production due to their stable growth conditions (BenAmotz, 2008). Because of this limitation, open pond depths need to be shallow enough to ensure
adequate light penetration, yet deep enough to withstand the inevitable loss of water by
evaporation (Kunjapur & Eldridge, 2010). Wastewater clarifying tanks can cover this need by
maintaining the desired depths through the introduction of fresh influent media. Incorporating
microalgae into activated sludge may also address their nutrient needs. Chlorella vulgaris grown
in activated sludge displayed improved growth and more efficient photosynthesis and was shown
to treat activated sludge at 6 different ratios, resulting in improved removal efficiencies of NNH+4 (Roudsari et al., 2014). This continuous culture design not only eliminates the concerns of
water availability, but also nutrient supply, as nitrate and phosphate are continuously replenished
with the arrival of new influent. Introduction of Monoraphidium into the activated sludge
process could also allow for a reduction in the usage of the fine bubble aeration system, as the
algae are capable of contributing dissolved O2 levels similar to the average biological oxygen
demand (BOD) requirement of the DeKalb Sanitary District (DSD).
Additional considerations for reactor designs include temperature maintenance,
hydrodynamic stress, competition, and predation. The concern of temperature fluctuations for
open pond systems may not be applicable for Monoraphidium grown in effluent as the
temperature range of the wastewater over a 10 year period was well within the acceptable growth
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conditions of the alga at 8.65-20.98 10 °C according to data from the DSD (Kephart, 2015),
(Kirchner, 2016). Competition from invading algal species and predation from zooplankton
increase the difficulty of maintaining a monoculture at a large scale. Rotifers are generally
known to prey on algae and are considered a pest for algal feedstock crops like Chlorella kessleri
cells that are approximately 10μm in size (Van Ginkel et al., 2015). The morphology of
Monoraphidium sp. Dek19 may confer a natural resistance to these typical grazers, as the
average Monoraphidium cell is 2.5μm wide and 100μm in length, making ingestion more
difficult for predators. Photobioreactor designs are dictated by the characteristics of the algal
species intended to grow in them. Future work may entail the design and implementation of a
pilot photobioreactor on the grounds of the DSD.

Monoraphidium sp. Dek19 Growth and Lipid Production with Supplemental Carbon Sources
Mixotrophic and heterotrophic growth has been demonstrated previously with various
algal species with positive results in both biomass productivity and lipid production (Liang et al.,
2009). If higher biomass and lipid production is attainable for Monoraphidium cultures after the
addition of supplemental carbon, value may be added to this potential biodiesel feedstock crop.
Monoraphidium cultures treated with various concentrations of supplemental glucose or fructose
showed inhibited cell densities and stunted growth curves when compared to their control
counterparts. Interestingly, algae treated with these supplemental carbon sources showed
elevated levels of intracellular lipids compared to the control. The presence of either
carbohydrate in solution correlated with an increase in fluorescence from the BODIPY505/515 dye
that was introduced into live algal cells.
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A similar study using Chlorella vulgaris noted higher culture densities as measured by
E660 when the concentration of glucose was increased from 5 to 10g/L (W. Kong et al., 2013).
The opposite was observed with Monoraphidium, where higher concentrations of either glucose
or fructose only resulted in further inhibition of cell division. Despite this reduced number of
algal cells, confocal analysis indicated that Monoraphidium treated with either concentration of
glucose or fructose possessed higher cell fluorescence values of the BODIPY505/515 dye than the
control, indicating an abundance of lipid bodies. Although this increase in Monoraphidium
lipids is desired, the lack of cell division is undesirable for the purpose of obtaining high biomass
levels for biodiesel production. The effect of adding sugars to wastewater is unclear, and the
resulting changes in the microbiome of the effluent may be detrimental to installations like the
DSD. Therefore, supplemental glucose and fructose may be more suitable in the controlled
settings of a photobioreactor than a wastewater treatment plant.
The presence of excess solutes has been described as an osmotic stress on certain species
of microalgae like Chlamydomonas reinhardtii, but not Dunaliella (Husic & Tolbert, 1986).
Nitrogen deficiency and NaCl osmotic stress have been shown to cause an increase in neutral
lipid levels in algae like Scenedesmus sp. R-16 and Chlorella vulgaris (Gorain, Bagchi, &
Mallick, 2013), (Ren, Liu, Ma, Zhao, & Ren, 2013). The osmotic potential of the 5 and 10g/L
carbohydrate solutions were -0.643 and -1.289 MPa respectively. This change in osmotic
potential may create stressful conditions for the algae, which could explain the reduction in cell
division and increase in neutral lipid bodies similar to salinity-stressed Scenedesmus (Gorain et
al., 2013). The species specific response to mixotrophic conditions has also been acknowledged
as a potential limitation to widespread implementation of mixotrophic and heterotrophic algal
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growth (Liang et al., 2009). The lack of glucose and fructose removal by Monoraphidium,
indicated by the DNSA assay, indicated that the microalga is unable to take up the supplemental
carbon sources at a demonstrable level.
The commercial production of biodiesel results in large quantities of crude glycerol byproducts (Nanda et al., 2014) that have received attention as a potential carbon substrate for
microalgae cultivation (O’Grady & Morgan, 2011). To date, several species of algae, including
C. vulgaris, Scenedesmus, and B. braunii have shown improved biomass yields when culture
media was supplemented with crude glycerol (Choi & Yu, 2015).
An attempt was made to grow Monoraphidium in the dark under heterotrophic conditions
with glycerol added at 0.1g/L. When obscured from a light source, the algae were incapable of
attaining cell numbers higher than the starting inoculum. Dark treatments yielded 1/6th of the dry
biomass that was seen with photoautotrophic cultures, indicating that there was no significant
cell division taking place. The dark treatments also exhibited a complete inability to remove
nitrate from the wastewater media. These results were not seen in the photoautotrophic versions
of the control and glycerol treatments indicating a need for photosynthesis to occur in order to
successfully proceed with phycoremediation of wastewater.
The discrepancy in chlorophyll levels between the light and dark treatments indicated that
Monoraphidium may adjust its chlorophyll content in order to improve its fitness in variable light
intensities. Photosynthetic organisms, like the microalgae Dunaliella salina, are able to
acclimate to different levels of irradiance through the adjustment of the size of the chlorophyll
antenna in their photosystems (Masuda, Tanaka, & Melis, 2003). Plants that are cultivated in
low light intensity environments will have photosystems that contain high amounts of

95
chlorophyll b, large light harvesting complexes (LHC), and a high LHC to PS-core ratio, while
the opposite effect is observed in high light intensity environments (Masuda et al., 2003). When
Dunaliella salina was subjected to low light conditions, the algae responded by increasing the
size of their chlorophyll antenna and reducing their chlorophyll a to b ratio through an increase
in chlorophyll b (Masuda et al., 2003). During the process of photoacclimation, organisms can
adjust their chlorophyll pigment content to allow for improved fitness. The marine alga
Nannochloropsis gaditana is strongly influenced by irradiance and can accumulate more
chlorophyll under low light conditions than cells grown in a higher light environment (Simionato
et al., 2011). The higher chlorophyll levels, and smaller chlorophyll a to b ratio, maintained in
the dark-treated Monoraphidium would indicate that the algae are attempting to acclimate to the
low light environment of the dark flasks and are preparing for any potential light exposure. This
has implications if Monoraphidium are to be used in a wastewater treatment tank. The 14ft deep
settling tanks, and the large volumes of effluent they hold, may create a less than ideal lighting
situation for Monoraphidium. Pilot photobioreactors will need to consider depth and light
availability to ensure against any design elements that may impede phycoremediation.
Contrary to expectations, Monoraphidium sp. Dek19 displayed inhibited growth in all but
the lowest concentrations of either crude or pure glycerol. As with the addition of supplemental
glucose and fructose, intracellular lipids levels of cultures grown photoautotrophically with
either pure or crude glycerol showed elevated BODIPY505/515 fluorescence compared to the
control indicating the presence of more lipid bodies within the cells. Monoraphidium grown
photoautotrophically with the addition of 0.1g/L of either glycerol produced higher lipids, but
similar biomass profiles to the control. These results closely follow observations seen with
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Monoraphidium minutum, where crude glycerol concentrations of 0.5-1.0g/L produced
significantly higher total lipids but very similar biomass productivity to the control (Patidar et al.,
2014).
Chlorophyll levels in Monoraphidium decreased when the cells were exposed to an
increasing concentration of glycerol. A similar phenomenon has been characterized in the green
microalgae Klebsormidium nitens. A study of the lipid droplet formation in K. nitens using
BODIPY dye revealed that in young algal cells, small lipid droplets form at the edge of the
chloroplast and increased in size as the chloroplast grew (Kuroiwa, Ohnuma, Imoto, & Kuroiwa,
2014). Oleosome synthesis in higher plants occurs in the endoplasmic reticulum where lipids
accumulate and bud off from the ER membrane. If oleosome formation in Monoraphidium
requires the usage of existing chloroplast membranes, then the increase in neutral lipid bodies
observed with the glycerol treatments would explain the subsequent decrease in chlorophyll per
cell. In non-dividing, nutrient starved K. nitens cells, larger lipid droplet formation correlated
with degradation of the chloroplast, and an overall decrease in chlorophyll concentration
(Kuroiwa et al., 2014).
Stress induced lipid production in algae is a major strategy for promoting higher lipid
yields in prospective biodiesel feedstocks. Conditions that favor the biosynthesis of TAGs are
usually stressful for microalgae as they impede cell division, and retard culture growth
(Solovchenko, 2012). The oil content in green microalgae can be significantly increased after
only a few days of nitrogen starvation. In nitrogen depleted conditions, many microalgae will
initiate autophagy and self-degrade organelles (S.-T. Wang et al., 2011). No conclusive reason
for this phenomenon has been identified, yet this method of lipid production seems to be favored
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by oleaginous green microalgae exposed to stressful environments (S.-T. Wang et al., 2011).
Lipid accumulation in algae tends to occur during times of environmental stress, such as periods
when nitrogen is absent (M. Chen et al., 2011). Numerous neutral lipid bodies can be generated
by Dunaliella tertiolecta after only 3 days of nitrogen starvation (M. Chen et al., 2011). Similar
nitrogen deficient conditions have been shown to lower biomass productivity, increase lipid
yields to approximately 40-46% cell dry weight, and reduce the percentage of chlorophyll a and
b dry weight in Chlorella minutissima (Ördög, Stirk, Bálint, van Staden, & Lovász, 2012).
These stress responses parallel the results obtained in the glycerol treatment study, and may be
the explanation for the reduced cell densities, higher lipid levels, and lower chlorophyll
concentrations observed in Monoraphidium supplemented with glycerol.
A stressful environment created by the addition of glycerol may activate lipid
biosynthesis pathways in the algae. The change in osmotic potential as a result of the
introduction of glycerol was -0.023, -0.116, and -0.232 MPa for the 0.1, 0.5, and 1.0g/L
concentrations of glycerol respectively. These values are not as high as what was measured with
the glucose and fructose treatments. If the addition of glycerol can be perceived by
Monoraphidium as an osmotic stress, then the addition of relatively small amount of the carbon
may initiate higher internal lipid production, and reduced cell division. As more components of
the chloroplasts are converted to oleosomes, the chloroplasts become increasingly degraded
resulting in an overall loss of chlorophyll pigments. Degradation of the chloroplast for lipid
production has not yet been characterized in Monoraphidium sp. Dek19. These results would
also suggest that Monoraphidium sp. Dek19 is not a species that is capable of heterotrophic
growth on either pure or crude glycerol. Further experimentation may seek to identify if

98
Monoraphidium sp. Dek19 possess a membrane transporter that would allow for uptake of
external carbon sources.

Flocculation of Algae Using Potassium Hydroxide
Separation of the microalga biomass from the culture medium is often considered a
roadblock for large-scale biodiesel production. Proper selection of a method may be crucial for
ensuring economic feasibility of a biodiesel system. Chemical flocculation has been identified as
a reliable and economical method for harvesting microalgae (Bilanovic, Shelef, & Sukenik,
1988). Flocculation of microalgae is best described as the formation of large, loose particles of
algal cells known as flocs due to a change in surface charge induced by the flocculants (Harith et
al., 2009). This charge neutralization phenomenon is what transpires when charged ions strongly
absorb on the opposite charged surface which is shortly followed by a physical effect in the form
of flocculation (Vandamme, 2013). Various materials have been utilized to induce algae
flocculation, ranging from alkaline to acidic chemicals and even some polyelectrolyte
flocculants. Alkaline flocculation of microalgae has been established as a successful route for
harvesting, as a 98.7% flocculation efficiency was seen with the green microalga Tetraselmis
tetrahele when a 200mg/L concentration of NaOH was utilized to induce flocculation with a pH
of only 8.42 (Ferriols & Aguilar, 2012).
For this study, KOH was used at a 50mM concentration which was previously identified
as sufficient to induce flocculation for Monoraphidium sp. Dek19 (Reinke, 2014). KOH has
been demonstrated to yield up to 98% flocculation efficiencies in Chaetoceros calcitrans when
the KOH concentration of a sample yielded a pH of over 10 (Harith et al., 2009). Despite

99
promising results with some algal, other species often show differing responses to the
flocculants. A similar study carried out with Nannochloropsis showed only a 37% flocculation
efficiency with KOH, but a 95% efficiency when Ca(OH)2 was used (Schlesinger et al., 2012).
Alkaline flocculation with KOH provided positive results for Monoraphidium sp. Dek19
showing an average of 88.64% efficiency at a range of cellular densities from 0.1-1.7 E680. This
efficiency was even higher when Monoraphidium cultures were flocculated at a certain density,
as the average flocculation efficiency for cultures whose absorbance was 0.5 or over was
94.12%. This may be due to the morphology of the Monoraphidium cells, which are elongated
solitary cells that are typically straight with fusiform ends (Ramos, Bicudo, Góes Neto, &
Moura, 2012). Monoraphidium sp. Dek19 are approximately 100µm long and 2.5µm wide
resembling a spear-shape. This morphology may act as a dense natural filter of cells, which
creates a cascade of flocculating algae that subsequently trap and drag down additional cells as
the floc moves to the bottom of a vessel. Harvesting of the algal biomass at the end of
phycoremediation may be achieved in a separate tank where KOH is added to induce
flocculation. This isolates the flocculation step from the rest of the wastewater treatment
process. Once the Monoraphidium have been collected, the used effluent could be pH corrected
and released.

Transesterification of Lipids from Corn, Soybean, and Monoraphidium sp. Dek19
Several studies have recommended microalgae as a viable candidate for renewable
biofuels as large scale production can avoid the concerns of diverting food sources to fuel and
the high land usage associated with crop feedstocks (Holbrook et al., 2014). One of the
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challenges associated with mass production of algal biofuels is the process of bioprospecting
microalgal strains capable of yielding high percentages of neutral lipids relative to their dry
weight (Jones & Mayfield, 2012).
Transesterified oil from Monoraphidium sp. Dek19 grown at 22 °C using a modified
acid-catalyzed method produced biodiesel quality FAMEs with a substantially higher oleic acid
(C18:1c) level than the soy or corn references. The acid-catalyzed oil also had reduced levels of
linoleic (C18:2) and linolenic acid (C18:3) of 9.34% and 0.57% respectively. The amount of
linolenic acid (C18:3) present in the algal biodiesel meets the requirements for the European
Standard EN 14214 which states that the content of linolenic acid methyl esters in biodiesel for
automobile use may not exceed 12% (Choi & Lee, 2015). The biodiesel produced from the
lipids of Monoraphidium sp. Dek19 could potentially be utilized as an alternative energy source
for depleting fossil fuel reserves.
Soybeans are widely considered to be good raw materials for the production of biodiesel,
but the levels of polyunsaturated fatty acids present in the organism are not advantageous for
biodiesel production due to their low oxidative stability (Santos, Piovesan, de Barros, & Moreira,
2013). Biofuels that have been oxidized have the potential to compromise engine performance
(Graef et al., 2009). Oils high in oleic acid (C18:1c) and low in linolenic acid (C18:3) have been
described as having a superior oxidative stability (Graef et al., 2009). Future experiments may
entail a performance comparison between the biodiesel generated from soybean, corn, and
Monoraphidium cells grown under various growth conditions in a standard diesel engine.
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CONCLUSIONS



Monoraphidium sp. Dek19 can be grown on a reduced aeration schedule as low as 1/3rd
the amount of a 24 HPD treatment and yield the same algal biomass. The same rate of
nitrate depletion as the control can occur with as low as 1/6th the amount of aeration as
the 24 HPD treatments. This reduced amount of agitation needs to be spread out due to
the high settling rate of the alga after only a few hours. Stagnant conditions are not
optimal for either algal biomass production or nitrate removal.



Chlorophyll a levels in Monoraphidium sp. Dek19 cells decrease as cultures receive more
aeration possibly indicating that higher turbulence allows for better access to light
sources.



The level of dissolved O2 produced by Monoraphidium sp. Dek19 as a result of
photosynthesis has the potential to offset some of the BOD for activated sludge. The
average BOD for activated sludge at the DSD is 5.26mg/L ± 2.12. This can be partially
supplied by Monoraphidium in an aerated culture.



Monoraphidium sp. Dek19 produced significantly more neutral lipids when grown in
final effluent supplemented with glucose or fructose but could not be grown to high cell
densities. The increase in solute concentration may induce an osmotic stress response in
the alga thereby indicating that Monoraphidium sp. Dek19 may not be capable of
mixotrophic growth with supplemental carbohydrates.
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When grown on pure and crude glycerol, Monoraphidium sp. Dek19 neutral lipid body
accumulation increased as the concentration of glycerol in solution also increased but
Monoraphidium could not achieved cell densities higher than the control at any
concentration provided. No change in cell densities was observed in microalga grown in
the dark when additional glycerol was present in solution. Monoraphidium sp. Dek19
cannot be grown mixotrophically or heterotrophically using supplemental glycerol.



The decrease in Monoraphidium chlorophyll levels correlated to an increase in
supplemental glycerol concentration suggesting that higher solute concentrations may
suppress chlorophyll biosynthesis.



Alkaline flocculation of Monoraphidium sp. Dek19 utilizing 50mM KOH resulted in a
high flocculation efficiency of 88.64% achieved in only 20 minutes. This method of
harvesting the algal feedstock is more efficient than gravity sedimentation which required
24 hours to achieve the same percentage of settled algal cells.



The biodiesel produced from the extracted neutral lipids in Monoraphidium sp. Dek19
was high in desirable palmitic (C16:0) and oleic (C18:1c) fatty acids and low in
undesirable linolenic (C18:3) polyunsaturated fatty acids. This fuel may be suitable for
implementation in a diesel engine as it is less likely to compromise the engine due to the
oxidative stability of saturated and monounsaturated fatty acid methyl esters that make up
a majority of its composition.
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